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ABSTRACT 
A characteristic feature of plant cells is the subcellular compartmentation of 
metabolism. Duplicated enzymes or cofactors occur in the same or distinct 
compartments, posing a challenge to define the complex metabolic networks that are 
central to biological functions. Our knowledge regarding the compartment-specific 
metabolism in plants has been hampered by the limitations of current analytical methods 
to determine the subcellular location of metabolites. In this dissertation, we integrate 
reverse genetic and metabolomic analyses to characterize the physiological roles of 
several compartment-specific enzymes and cofactors. 
Two distinctly localized Arabidopsis acetate-activating enzymes, the plastidic 
acetyl-CoA synthetase (ACS) and the peroxisomal acetate non-utilizing 1 (ACN1), are 
functionally redundant, but their roles in metabolism are not clear. Mutations in both 
ACS and ACN1 lead to abnormal phenotypes of delayed growth and infertility, which are 
associated with hyperaccumulation of acetate levels and decreased accumulation of 
acetyl-CoA-derived metabolites. Cellular acetate is generated from either the oxidation of 
ethanol or the non-oxidative decarboxylation of pyruvate via the common intermediate 
acetaldehyde. These processes are induced by hypoxia, suggesting the role of ACS and 
ACN1 in reducing the carbon loss in the form of ethanol after hypoxia. Using 13C-acetate 
as a tracer, we demonstrate that the acetate metabolized by the plastidic ACS is used for 
the de novo synthesis of fatty acids and leucine, whereas the acetate activated by the 
peroxisomal ACN1 enters the glyoxylate cycle that generates the organic acid 
intermediates for amino acid biosynthesis. Collectively, these studies establish the  
 
vii 
significant role of these two enzymes in protecting plant cells from the toxic 
accumulation of excess acetate. 
Typical of plants, Arabidopsis expresses two distinct Type II fatty acid synthases 
(FASs), one mitochondrial and the other in plastids. These two systems are supported by 
a small, phosphopantetheinylated protein cofactor, acyl carrier protein (ACP). The 
Arabidopsis genome contains eight ACP-coding genes. We demonstrate that three of 
these genes encode mitochondrial ACP (mtACP) isozymes, supporting the mitochondrial 
fatty acid synthase (mtFAS) system. Functional redundancy among the three mtACPs 
was dissected by a genetic strategy, which demonstrate that the simultaneous loss of all 
three mtACP genes is associated with an embryo-lethal phenotype. Characterization of 
double mutant combinations revealed unequal functional redundancy among the three 





CHAPTER 1.    GENERAL INTRODUCTION 
Introduction to Plant Metabolic Networks 
The hallmark of eukaryotic cells is the evolution of many distinct membrane-enclosed 
compartments, also known as organelles. Each compartment harbors a distinct pool of 
proteins and metabolites (i.e., small molecules) that mediate its specialized function of cell. 
Despite the spatial segregation of metabolic processes, many proteins and metabolites can 
move between compartments and every compartment depends on the supply of metabolic 
precursors or energy from other parts of the cell, to some extent (Lunn, 2007). Thus, the 
metabolism of a eukaryotic cell consists of a network of interconnected pathways across 
several compartments. This network of metabolism is particularly complex in plant cells, 
which have highly compartmentalized cellular structures and possess additional 
compartments that are not found in other eukaryotes (i.e., plastids, vacuoles, and cell walls) 
(Linka and Weber, 2010). 
A key feature of plant metabolism is its capability to synthesize a vast array of 
metabolites. The total number of plant metabolites is estimated to exceed 200,000 (Saito and 
Matsuda), which is substantially more than those produced by other organisms. Many of 
these metabolites are of considerable value for industry, such as lipids as renewable sources 
of energy and isoflavones as dietary supplements (Yoon et al., 2013; Dixon and Sumner, 
2003). Applying emerging gene editing techniques for improving the production of certain 
compounds has attracted great interest for plant biologists (Baltes and Voytas, 2015). 
However, predicting the metabolic flux (i.e., flow of matter and energy) of a genetically 
engineered plant remains difficult due to the limited knowledge of plant metabolic networks 
(Libourel and Shachar-Hill, 2008). Metabolic flux, in analogy to traffic flow, is the output of 
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the integrated interactions between genes (parking lots), proteins (roads), and metabolites 
(cars) at the network level (Sauer and Zamboni, 2008). Identifying the structure and 
regulatory mechanisms of the plant metabolic network is fundamental to quantitatively 
predict the metabolic consequences of genetic manipulation, which will make rational 
metabolic engineering possible. 
Subcellular Compartmentation in Plant Metabolism 
A major obstacle to the construction of a plant metabolic network is the subcellular 
compartmentation of metabolic pathways. A particular metabolic pathway can either occur 
uniquely in a specific compartment or is duplicated in multiple compartments. For instance, 
the Calvin cycle that converts CO2 to hexoses takes place exclusively in the chloroplasts (a 
type of plastids), the site where the CO2-fixing multienzyme complexes reside (Suss et al., 
1993). In contrast, glycolysis, the pathway that splits hexoses into pyruvate (a three-carbon 
molecule), occurs both in plastids and cytosol, with parallel enzymatic reactions catalyzed by 
distinctly localized enzymes (Plaxton, 1996). Therefore, an essential step to describe a 
metabolic network requires the identification of the players (e.g., substrates, intermediates, 
end products, enzymes, and cofactors) and subcellular location(s) of each metabolic reaction, 
as well as the transport steps that allow the exchange of molecules between compartments. 
Determining the subcellular localizations of proteins or metabolites is not a trivial 
task. Analytical methods to localize proteins within plant cells include 1) isolation of 
organelles through cell fractionation techniques, followed by comparing the specific activity 
of the enzyme of interest and marker enzyme for each specific compartment (Goddard, 
1954); 2) immunohistochemical detection of proteins in sections of plant tissues visualized 
by microscopy (Paciorek et al., 2006); 3) expression of fluorescently tagged protein using 
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transgenic approaches followed by microscopic imaging (Hanson and Köhler, 2001); and 4) 
a combination of subcellular fractionation techniques and mass spectrometry to identify the 
proteome (i.e., the entire set of proteins) in the isolated subcellular compartments (Millar and 
Taylor, 2014). Although subcellular fractionation methods can also be used to analyze the 
compartmentation of metabolites, it is more difficult because the turnover times of many 
metabolites are in the order of seconds or less (Arrivault et al., 2009). Besides being 
laborious and time-consuming, isolation of subcellular compartments also requires extensive 
optimizations to reduce the risk of contamination, low coverage, and missing compartments 
(Dietz, 2017; Millar and Taylor, 2014). Hence, new high-throughput tools need to be 
developed to quantify the subcellular metabolome for an accurate estimation of 
compartment-specific fluxes through plant metabolic networks. 
Redundancy in Plant Metabolism 
Redundancy of enzymes and pathways adds another layer of complexity to a 
definitive description of the plant metabolic network. Gene duplication is a common feature 
in many eukaryotic genomes, which allows the organism to minimize phenotypic changes in 
face of genetic mutation (Kafri et al., 2009). In the context of metabolism, the preservation of 
duplicate genes supports the presence of multiple isoforms of the same enzyme (isozymes). 
Redundant enzyme isoforms help maintain the integrity of a metabolic network upon 
mutations in one of the isoforms (Sweetlove and Fernie, 2005). Because the same metabolic 
reaction can occur in distinct subcellular compartments, many isozymes in plants are 
compartment-specific (Gottlieb, 1982). For instance, Arabidopsis genome contains six genes 
encoding for malic enzymes, three of which are localized in cytosol, two in mitochondria, 
and one in plastids. These isozymes appear to have different biochemical properties and play 
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distinct roles in plants (Maurino et al., 2009). Incorporating the kinetic and regulation 
information of each compartment-specific isozyme into a predictive model of the metabolic 
network is necessary but challenging. 
Genetic approach (i.e., mutant screening) provides useful systems to delineate 
pathways confounded by redundancy and compartmentation. The identification and 
characterization of knockout (i.e., loss-of-function) or knockdown (i.e., reduced gene 
expression) mutants has contributed to a better understanding of many important 
compartmentalized pathways in plant metabolic networks, such as lipid metabolism (Li-
Beisson et al., 2003), photorespiratory pathway (Peterhansel et al., 2010), and terpenoid 
biosynthesis (Vranová et al., 2013). 
Overview of Compartmentalized Lipid Metabolism in Plants 
Lipids are a major class of molecules that have diverse roles in plants (Ohlrogge and 
Browse, 1995). The membrane lipids that form the boundaries of any subcellular 
compartment include phospholipids, galactolipids, and sphingolipids. Epicuticular lipids 
deposited on the surface of plants include cutin and cuticular waxes. Storage lipids in seeds 
exist in the form of triacylglycerol, which can be degraded and provide energy and carbon 
sources for germination. These different types of lipids are synthesized by a series of 
enzymatic reactions across many compartments (Li-Beisson et al., 2003). The basic unit 
common to all lipids are fatty acids, which are carboxylic acids with hydrocarbon chains that 
vary in chain length and degree of unsaturation. While plants can produce fatty acids as well 




Plant de novo fatty acid synthesis takes place in plastids and mitochondria, in contrast 
with degradation, which takes place in peroxisomes (Li-Beisson et al., 2003). Although both 
pathways involve the sequential addition (for synthesis) or removal (for degradation) of two-
carbon fragments, distinct enzymes and cofactors are used for these chemical 
transformations. Intermediates in fatty acid synthesis and breakdown are conjugated to an 
acyl carrier protein (ACP) or Coenzyme A (CoA), respectively. In both cases, the fatty acid 
intermediate is covalently linked to the thiol (-SH) group of an active ACP or CoA, the 
resulting acyl-ACP or acyl-CoA (Figure 1) is highly reactive in metabolic reactions 
(Bhaumik et al., 2005). Compartmentation of cofactors (e.g., ACP and CoA) in plant cells 
may be an important strategy to regulate the synthesis and breakdown processes. 
Despite significant progresses that have been made in identifying genes for most of 
the pathway members in plant lipid metabolism, much remains to be discovered about the 
metabolic and physiological roles of many enzymes and cofactors. These include two 
distinctly localized acetyl-CoA-generating enzymes and three mitochondrial acyl carrier 
protein isoforms, which will be discussed separately in the following sections. 
 
Acetyl-CoA Metabolism in Plants 
Acetyl-CoA is a central molecule found in all living organisms. Besides its role as a 
key metabolic intermediate juxtaposed between anabolism and catabolism, acetyl-CoA is a 
critical signaling molecule (Pietrocola et al., 2015). The acetyl moiety of acetyl-CoA is 
attached to coenzyme A (CoA) via a thioester bond (Figure 1), which is a high-energy and 
reactive bond that facilitates the transfer of the acetyl-moiety to a wide range of molecules. In 
plants, acetyl-CoA provides the initial carbon precursor for a plethora of phytochemicals. 
Many of these phytochemicals are energy-dense (i.e., hydrocarbons, waxes, and terpenes) 
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and bioactive (e.g., polyketides and flavonoids), and thus of industrial interest (Oliver et al., 
2009). The acetyl moiety of acetyl-CoA can also be transferred to amino groups on proteins. 
Acetylation of proteins has been found to be involved in the epigenetic regulation of gene 
expression and enzyme activity (Wu et al., 2011). Therefore, detailed knowledge of the 
cellular processes dependent upon acetyl-CoA metabolism is fundamental to the precise 
control and regulation of carbon fluxes for engineering plants for biofuels and bioactive 
products. 
Compartmentalized Acetyl-CoA Utilization and Generation in Plants 
As sessile organisms with highly compartmentalized cellular structures, plants have 
evolved separate acetyl-CoA pools due to the impermeability of membranes to this key 
intermediate (Oliver et al., 2009). The subcellular acetyl-CoA pools in mitochondria, 
peroxisomes, plastids, and cytosol are channeled toward various biosynthetic processes 
critical for plant growth, development, and defense responses (Figure 2). Mitochondrial 
acetyl-CoA enters the tricarboxylic acid (TCA) cycle, generating energy precursors for 
producing ATP and carbon precursors for amino acid synthesis (Sweetlove et al., 2005). In 
peroxisomes, acetyl-CoA enters the glyoxylate cycle, allowing plants to convert fatty acids to 
sugars (Graham, 2008). The plastidic acetyl-CoA is involved in the de novo synthesis of fatty 
acids (Givan, 1983). The cytosolic acetyl-CoA can be metabolized by carboxylation pathway 
via malonyl-CoA. One metabolic fate of malonyl-CoA is being incorporated into very long 
chain fatty acids (VLCFAs), which are essential components in seed oils, waxes, suberin, 
membrane lipids, and signaling lipids (e.g., sphingolipids) (Li-Beisson et al., 2010). The 
other metabolic fate of malonyl-CoA is being incorporated into flavonoids and malonyl 
derivatives (Falcone Ferreyra et al., 2012). The cytosolic acetyl-CoA can also be metabolized 
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by sequential condensation pathway to form acetoacetyl-CoA and HMG-CoA, which lead to 
the biosynthesis of a wide range of mevalonate-derived terpenoids (e.g., brassinosteroids and 
sesquiterpenes) (Tholl, 2015). 
Just like there are multiple metabolic fates of acetyl-CoA in different subcellular 
compartment, plants possess multiple routes to generate of acetyl-CoA in each compartment 
(Oliver et al., 2009). Considerable progress has been made in identifying the key metabolic 
routes or enzymes for acetyl-CoA generation. In mitochondria, acetyl-CoA is synthesized 
from pyruvate by the mitochondrial pyruvate dehydrogenase complex (mtPDHC) (Thompson 
et al., 1977). Leucine catabolism provides an alternative source of mitochondrial acetyl-CoA 
(Hildebrandt et al, 2015). The cytosolic acetyl-CoA pool is solely generated by ATP-citrate 
lyase (ACL) from citrate (Fatland et al., 2005). Plastids appear to have two enzyme 
mechanisms for generating acetyl-CoA: the plastidic pyruvate dehydrogenase complex 
(ptPDHC) (Williams and Randall, 1978) and acetyl-CoA synthetase (ACS) (Huang and 
Stumpf, 1970). Reverse genetic characterizations of ptPDHC and ACS have indicated that 
ptPDHC is essential for embryogenesis, whereas mutation in ACS does not affect normal 
growth (Lin et al, 2003; Lin and Oliver, 2008). While the function of ACS in generating 
acetyl-CoA from acetate seems redundant and unclear, this enzyme is not the only one that 
can activate acetate for acetyl-CoA generation. In the peroxisomes, acetate non-utilizing 
1(ACN1) can also catalyze the conversion from acetate to acetyl-CoA (Turner et al, 2005). 
Similarly, the acetate-derived acetyl-CoA generation seems redundant in peroxisomes, as the 
degradation of fatty acids via the β-oxidation cycle contributes to the major flux through 
peroxisomal acetyl-CoA (Graham, 2008). The physiological function of the two acetate- 
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activating enzymes, ACS and ACN1, is unclear mainly due to the limited knowledge of 
acetate metabolism in plants. 
Mechanisms of Acetate Activation to Acetyl-CoA 
The assimilation of acetate is commonly initiated by its activation to acetyl-CoA in 
all three domains of life (Wolfe, 2005). Three main mechanisms have been found for the 
activation of acetate to acetyl-CoA: acetate is activated by either an AMP-forming acetyl-
CoA synthetase, an ADP-forming acetyl-CoA synthetase, or a pathway comprising the 
acetate kinase and phosphotransacetylase enzymes (Wolfe, 2005). While the last two 
mechanisms have never been shown in plants, the AMP-forming acetyl-CoA synthetases are 
conserved in nature. These acetyl-CoA synthetases activate acetate in two steps: activation of 
acetate to acetyl-AMP and conversion of acetyl-AMP to acetyl-CoA (Starai and Escalante-
Semerena, 2004).  
Many eukaryotic organisms have two isoforms of AMP-forming acetyl-CoA 
synthetases (ACS). In yeast and mammalian cells, one ACS isoenzyme is in cytosol and the 
other one is in the mitochondrion (Fujino et al., 2001; Schug et al., 2016). In plants, ACS in 
plastids and ACN1 in peroxisomes have been identified to function as AMP-forming acetyl-
CoA synthetases (Huang and Stumpf, 1970). The plant acetyl-CoA synthetases are part of a 
large superfamily of acyl-activating enzymes, which are featured by a conserved AMP-
binding motif and ligate various carboxylic acids to CoA (Shockey and Browse, 2011). 
Although ACS and ACN1 only share about 20% overall protein sequence identity and are 
distantly related in the acyl-activating enzymes superfamily, both preferentially use acetate as 
substrate (Turner et al., 2005; Lin and Oliver, 2008). The relative roles of ACS and ACN1 in 
acetate metabolism are inconclusive from previous studies. Lin and Oliver suggested that 
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ACS has a more important role than ACN1 in acetate metabolism, as the acetyl-CoA 
synthetase activity and incorporation of exogenous 14 C-acetate into total fatty acids is 
blocked by 90% when disrupting the Arabidopsis ACS gene (Lin and Oliver, 2008). The 
contribution of ACN1 to total acetate assimilation may be low, but embryogenesis-related 
genes are repressed when the ACN1 gene is mutated (Turner et al, 2005). A detailed 
comparison of the acs and acn1 mutants with the same genetic background is necessary to 
resolve their compartment-specific metabolic roles in acetate assimilation. 
Mechanisms of Acetate Generation 
Different organisms have evolved a number of different pathways for acetate 
generation. The production of acetate from acetyl-CoA through the phosphotransacetylase 
and acetate kinase is a common pathway for acetate generation in bacteria and eukaryotic 
microbes (Wolfe, 2005; Ingram-Smith et al., 2006), including the green alga 
Chlamydomonas reinhardtii (Yang et al., 2014). The interconversion between acetate and 
acetyl-CoA provides the cells with more flexibility in changing environments. Acetate can 
also be produced from pyruvate catalyzed by pyruvate oxidase or pyruvate:quinone 
oxidoreductase, two enzymes mostly found in bacterial organisms (Schreiner et al, 2006; 
Abdel-Hamid, 2001). 
While neither of the two main bacterial pathways has been identified in plants, two 
alternative acetate-producing pathways have been proposed. One possibility is through the 
hydrolysis of acetyl-CoA by a mitochondria acetyl-CoA hydrolase, which has been well 
characterized in yeast and mammalian cells (Buu et al., 2004; Svensson et al., 2004). The 
acetyl-CoA hydrolase activity was detected in isolated mitochondria from spinach and pea  
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(Liedvogel and Stumpf, 1982; Zeiher and Randall, 1990), but the gene encoding acetyl-CoA 
hydrolase has not been identified yet. 
Another possible route is through the oxidation of pyruvate-derived acetaldehyde by 
aldehyde dehydrogenase (ALDH). Acetate generated from this route can be used for acetyl-
CoA synthesis, which forms an alternative route to the PDHC reaction for the conversion of 
acetyl-CoA, also known as the "PDHC bypass" in yeast (Boubekeur et al., 1999). Pyruvate 
decarboxylase (PDC) catalyzes the conversion of pyruvate to acetaldehyde, which is then 
converted to ethanol by alcohol dehydrogenase (ADH), comprising the ethanol fermentation 
process. Ethanol fermentation and the PDHC bypass seem to provide organisms with more 
metabolic flexibility in response to nutrient availability, such as glucose for yeast (Rodrigues 
et al., 2006) and nitrogen for the green alga Chlorella desiccata (Avidan and Pick, 2015).  
In plants, ethanolic fermentation is one common fermentative pathway for adaptation 
to hypoxia. It occurs when the internal oxygen level falls to low concentrations due to 
waterlogging or in the metabolically active tissues that cannot balance their higher oxygen 
demand, such as fast-elongating pollen tube (Geigenberger, 2003; Mellema et al., 2002). The 
existence of the “PDHC bypass” was indicated from the observation that plants can 
incorporate 14C-ethanol into fatty acids. This reaction is largely blocked when the ACS or 
ALDH gene is mutated (Lin and Oliver, 2008; Wei et al., 2009). However, there has been no 
direct evidence demonstrating the contribution of the above-mentioned pathways to acetate 
generation in plants. 
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Acyl Carrier Protein Isoforms in Plants 
As the indispensable cofactor, acyl carrier protein (ACP) is central to de novo fatty 
acid biosynthesis in all living organisms. Fatty acid synthase (FAS) systems can be grouped 
into two classes, type I and II. Type I FAS is found in animals and yeast and is composed of 
large multidomain polypeptides that integrate all the enzymatic steps essential for fatty acid 
biosynthesis (Leibundgut et al., 2008). ACP in Type I FAS exists as a distinct domain within 
the multi-enzyme complex (Byers and Gong, 2007). Type II FAS is found in bacteria and 
plants and consists of individual, mono-functional proteins for fatty acid biosynthesis (White 
et al., 2005). Both Type I and Type II FAS use ACP to carry fatty acyl intermediates and 
deliver them to each catalytic site of enzymes during the acyl chain elongation process 
(Leibundgut et al., 2008). ACP is initially expressed in an inactive form (apo-ACP) and 
requires a posttranslational modification to be active (holo-ACP). This modification process 
is carried out by a phosphopentetheinyl transferase (PPT) that transfers a 4′-
phosphopantetheine prosthetic group from a CoA to the hydroxyl group of a conserved serine 
residue of apo-ACP (Lambalot et al., 1996). The resulting holo-ACP is used to covalently 
bind to acyl intermediates via a high-energy thioester bond (Figure 1). 
Mitochondrial Fatty Acid Biosynthesis in Plants 
Plant cells use two distinct type II FAS systems for synthesizing fatty acids in plastids 
and mitochondria. The plastidic FAS (ptFAS) generates most fatty acids for cellular 
functions (Ohlrogge and Browse, 1995), whereas the mitochondrial FAS (mtFAS) has a 
relatively restricted role in fatty acid synthesis (Wada et al., 1997). The major product of 
mtFAS is octanoyl-ACP, which is required for the biosynthesis of lipoic acid. Lipoic acid is a 
key cofactor of several mitochondrial proteins, including the H-subunit of glycine 
decarboxylase (GDC) and the E2-subunits of pyruvate dehydrogenase and α-ketoglutarate 
12 
dehydrogenase (Edwald et al, 2007). Several enzymatic components of plant mtFAS have 
been genetically and biochemically characterized, including mitochondrial PPT (mtPPT), 
mitochondrial malonyl-CoA synthetase (mtMCS), mitochondrial β-ketoacyl-ACP synthase 
(mtKAS), and mitochondrial 3-hydroxyacyl-ACP dehydratase (mtHD). Mutations in these 
enzymes are associated with reduced lipoylation of GDC and accumulation of 
photorespiratory intermediates, thus leading to photorespiratory deficiency (Guan et al., 
2015; Guan et al., 2016; Guan et al., 2017). 
Redundancy of ACP Isoforms in Plants 
All multicellular plants appear to have multiple isoforms of ACP involved in fatty 
acid metabolism (Guerra et al., 1986; Battey and Ohlrogge, 1990). In the genome of 
Arabidopsis, eight genes encode ACPs, five of which appear to be plastidic isoforms 
(ptACPs) and three of which appear to be mitochondrial isoforms (mtACPs). The expression 
patterns and physiological functions of ptACPs have been extensively studied. Specifically, 
ptACP1, ptACP2, and ptACP3 proteins are constitutively expressed in leaves, roots, and 
seeds (Hloušek-Radojčić et al., 1992). The expression of ptACP4 transcript is predominantly 
in leaves and induced under light condition (Bonaventure and Ohlrogge, 2002), whereas 
ptACP5 is preferentially expressed in roots and down-regulated by salt stress (Huang et al., 
2007). Although mtACP1 and mtACP2 have been detected as soluble proteins in the matrix 





Advances in Plant Metabolomics Methodology 
Metabolomics is an emerging field in system biology that aims to capture a snapshot 
of the metabolic state of a biological system (cell, tissue, or whole organism) at a given time 
by a high-throughput and comprehensive analysis of metabolites. Being the end products of 
cellular processes, metabolites provide a more accurate representation of the physiological 
states of plants, therefore, are closest to phenotypes compared to genes, transcripts, and 
proteins (Fiehn, 2002). The compositions and levels of metabolites in plants depend on 
various factors, including genetics, tissue types, cell types, subcellular types, developmental 
stages, and environmental conditions. 
Analytical Technologies in Metabolomics 
Evolving metabolomics approaches provide a new opportunity to capture the 
temporal and spatial distribution of all metabolites. The most widely used analytical 
technologies in metabolomics research include nuclear magnetic resonance (NMR) 
spectroscopy and mass spectrometry (MS). NMR-based metabolomic analysis is non-
destructive and powerful in providing structural information of the metabolites (Markley et 
al., 2002). Although MS-based metabolomic analysis is destructive, it has been gaining 
popularity because of its high sensitivity in metabolite detection (Dunn et al., 2005). MS 
approaches are often coupled with chromatographic separation techniques such as gas 
chromatography (GC) and liquid chromatography (LC) (Jonsson et al., 2005; Theodoridis et 
al., 2008). The separation of the complex biological samples with a mixture of metabolites 
before ion detection aids in distinguishing isobaric compounds that have a similar mass. 
Alternatively, metabolites may be directly measured by the direct-infusion mass 
spectrometry (DIMS) approach without prior chromatographic separation (Castrillo et al., 
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2003; Pope et al., 2007). Using high-resolution mass spectrometer, such as Fourier 
Transform Ion Cyclotron Resonance (FT-ICR) mass spectrometer, DIMS has been extended 
to rapid high-throughput fingerprinting strategies (Ghaste et al., 2016). However, no single 
analytical platform can cover the entire metabolome due to the broad range of chemical 
properties associated with individual metabolites and wide variation in their cellular 
abundances. 
Using Stable Isotope Labeling to Probe Metabolic Fluxes 
Because metabolic flux is the flow of a metabolite through a pathway over time, a 
single metabolomics measurement of metabolite abundances is insufficient to infer time-
dependent fluxes. Isotope labeling has been used for decades to track carbon fluxes through 
plant metabolic pathways (Calvin, 1962). With the development of metabolomics 
technologies and availability of various stable isotopes, stable isotope assisted metabolomics 
allows global unbiased measurements of fluxes through complex metabolic networks 
(Chokkathukalam et a., 2014). 
Stable isotope assisted metabolomics has been successfully applied in plants to assess 
metabolic fluxes (Allen et al., 2016). Usually, an isotope labeled precursor is introduced into 
plant tissues and the redistribution of the label from the precursor into downstream 
metabolites is detected by MS or NMR (Ratcliffe and Shachar-Hill, 2006). The labeling data 
can be coupled to mathematical modeling to construct flux maps, which represent a 
quantitative description of metabolic phenotypes and provide insights into novel metabolic 
routes (Libourel and Shachar-Hill, 2008). 
Quantifying isotopic labeling specific to a distinct compartment is a major challenge 
for determining subcellular fluxes, although progress has been made to study metabolite 
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concentrations at a subcellular level using the non-aqueous fractionation technique (Kueger 
et al., 2012). Another strategy to achieve subcellular labeling information for flux analysis is 
to make use of the molecules of known biosynthetic locations, including fatty acids (reflect 
the cytosolic and plastidic acetyl-CoA pools), cell wall components (reflect the cytosolic 
carbohydrate pool), starch (reflect the plastidic carbohydrate pool), protein glycans (reflect 
the cytosolic glycolysis), and proteins synthesized in the cytosol or plastids (Allen et al., 
2007; Allen et al., 2012). 
Mass Spectrometry Imaging (MSI) to Understand the Spatial Organization of 
Metabolism 
Emerging advances in MSI offer a unique capability to simultaneously capture the 
spatial distributions of metabolites and macromolecules at the molecular level. MSI has been 
successfully applied to map the spatial localization of various plant metabolites, providing a 
mechanistic understanding of plant metabolism (Lee et al., 2012). The most widely used MSI 
technique is matrix-assisted laser desorption ionization (MALDI) (Boughton et al., 2016). 
MALDI operates under vacuum and has been demonstrated to visualize a number of lipids at 
a high spatial resolution of ~5 µm in maize leaves and roots (Feenstra et al., 2017; Dueñas et 
al., 2017). Another developing MSI technique is electrospray laser desorption ionization 
(ELDI), which operates under atmospheric pressure and does not require application of 
matrix for sample preparation (Shiea et al., 2005). ELDI has been applied to dry plant slices 
with a resolution of 250 µm (Huang et al., 2015), which still has room to improve for further 
applications. 
In combination with stable isotope labeling, MSI has great potential to map spatially 
resolved metabolic fluxes, which has been applied to mammalian tissues (Louie et al, 2013). 
16 
By improving spatial resolution and sensitivity to quantify isotopic labeling of less abundant 
metabolites, MSI may hold promise for providing a compartmentalized view of metabolic 
fluxes in situ. 
 
Dissertation Organization 
This dissertation is organized into four chapters and one appendix. 
Chapter 1 is the general introduction to plant metabolic networks, current 
understanding of the compartmentalized metabolism associated with acetyl-CoA and acyl 
carrier protein, and advances in plant metabolomics methodology. Chapters 2 and 3 are 
manuscripts prepared for submission to peer reviewed journals. Chapter 2 addresses the 
physiological roles and metabolic interplay of two distinctly localized Arabidopsis acetate-
activating enzymes, the plastidic ACS and peroxisomal ACN1. Chapter 3 demonstrates the 
physiological significance of three Arabidopsis ACP isoforms in mitochondria. The final 
chapter summarizes the conclusions from the above studies and discusses the future 
directions of this work. 
The appendix demonstrates an application of MSI in understanding the spatial 
distribution of metabolites in plants. ELDI-MSI was used to monitor the metabolic changes 
in coleus leaves in response to light-dark transitions. My contribution to this work was 
performing non-targeted metabolomic profiling using GC-MS. The mass spectrometry 
imaging experiments were performed by Patrick A. McVey, a former Ph.D. student in Dr. 
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Figure 2. Compartmentalized synthesis and utilization of acetyl-CoA in plant cells. 
Abbreviations: ACL: ATP-citrate lyase; ACN1: acetate non-utilizing 1; ACS: acetyl-CoA 
synthetase; ADH: alcohol dehydrogenase; ALDH: acetaldehyde dehydrogenase; FAE: fatty 
acid elongase; mtFAS: mitochondrial fatty acid synthase; mtPDHC, mitochondrial pyruvate 
dehydrogenase complex; PDC: pyruvate decarboxylase; ptFAS: plastidic fatty acid synthase; 
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Abstract 
In this study we demonstrate that two distinctly localized acetate-activating enzymes, 
acetyl-CoA synthetase (ACS) in plastids and acetate non-utilizing 1 (ACN1) in peroxisomes, 
provide redundant functions that in combination are required to avoid the accumulation of 
toxic levels of acetate, which otherwise inhibit plant growth and development. In contrast to 
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the normal morphological and metabolic phenotypes expressed by acs or acn1 mutants, the 
acs acn1 double mutant is delayed in growth and presents an infertile phenotype. These 
phenotypes are associated with hyperaccumulation of cellular acetate levels, and decreased 
accumulation of acetyl-CoA derived intermediates of central metabolism. Using multiple 
mutant stocks and stable isotope-assisted metabolic analyses, we demonstrate the twin 
metabolic origins of acetate, as being from the oxidation of ethanol and the non-oxidative 
decarboxylation of pyruvate, with acetaldehyde being the common, intermediate precursor of 
acetate. These processes are activated under hypoxic conditions, and ACS and ACN1 provide 
the catalytic capability to recover carbon that would otherwise be lost from the plant in the 
form of ethanol. The recovered acetate can be metabolized by the plastid-localized ACS and 
contributes to the de novo synthesis of fatty acids and leucine; whereas the peroxisome-
localized ACN1 enables the recovery of acetate via the glyoxylate pathway to generate 
amino acids. Thus, the activation of acetate in distinct subcellular compartments provides 
plants with metabolic flexibility to maintain physiological levels of acetate and provides a 
metabolic mechanism for the recovery of carbon following hypoxia. 
 
Introduction 
Acetyl-coenzyme A (acetyl-CoA) is a metabolic intermediate juxtaposed between 
anabolic and catabolic processes (Oliver et al., 2009; Pietrocola et al., 2015). Anabolic 
processes include the biosynthesis of energy-dense biochemicals (i.e., fatty acids, 
hydrocarbons, terpenes) and many bioactive compounds (e.g., polyketides and flavonoids). 
As an acetyl-group donor, acetyl-CoA also plays a role as the ‘sentinel’ molecule that links 
metabolism with cellular signaling by influencing the prevalence of protein acetylation 
modifications (Galdieri et al., 2014; Wu et al., 2011). Catabolic processes that generate 
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acetyl-CoA include the β-oxidation of fatty acids, and the catabolism of acetogenic amino 
acids (e.g., leucine) (Graham, 2018; Hildebrandt et al., 2015). Because the structure and 
dynamics of the acetyl-CoA metabolic network in highly compartmentalized in eukaryotic 
organisms, it is far from being fully understood (Krivoruchko et al., 2015; Oliver et al., 
2009). Therefore, to exploit the metabolic diversity and flexibility of plants, there is a need to 
better understand how acetyl-CoA generation and utilization are genetically and 
biochemically coordinated among different cellular and subcellular compartments in the 
context of the broader complex network. 
Due to the impermeability of membranes to acetyl-CoA, this key intermediate is 
independently generated and metabolized in distinct subcellular compartments (Oliver et al., 
2009). The first acetyl-CoA-generating enzyme to be characterized in plants was acetyl-CoA 
synthatase (ACS) that activates acetate into its CoA-ester (Huang and Stumpf, 1970). ACS 
has been implicated as the dominant source of acetyl-CoA for fatty acid biosynthesis because 
[14C]acetate is efficiently incorporated into fatty acids by isolated chloroplasts (Roughan et 
al., 1978). The identification of a plastidic pyruvate dehydrogenase complex (ptPDHC) 
(Williams and Randall, 1978) and the rapid in vivo incorporation of label from carbon 
dioxide into fatty acids (Bao et al., 2000) implicated that plastidic acetyl-CoA is generated 
from pyruvate derived from photosynthesis. Reverse genetic characterizations of ptPDHC 
and ACS established the importance of the former, whereas mutations in the latter minimally 
affect normal plant growth (Lin et al., 2003). 
Several other acetyl-CoA generating enzymes/pathways have been identified to be 
essential to plant survival. These include ATP-citrate lyase (ACL) that generates the 
cytosolic acetyl-CoA pool (Fatland et al. 2005), the mitochondrial isozyme of pyruvate 
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dehydrogenase complex (mtPDHC) that generates the mitochondrial acetyl-CoA pool (Yu et 
al. 2012), and the fatty acid β-oxidation cycle that generates the peroxisomal acetyl-CoA 
pool (Graham, 2008). 
The Arabidopsis genome encodes a large number of acyl-activating enzymes (the 
AAE superfamily) that activate carboxylates (Shockey and Browse, 2011) through the 
intermediate, acetyl-AMP (EC 6.2.1.1) (Lin and Oliver, 2008; Turner, et al., 2005). Two of 
these, ACS and ACN1, are distantly related members of this superfamily. Although these two 
proteins share low sequence similarity, both preferentially activate acetate to generate acetyl-
CoA. ACS is plastid-localized, whereas ACN1 is localized in peroxisomes. These 
characterizations raise questions regarding the role of compartment-specific acetyl-CoA-
generation from acetate in plastids and peroxisomes of plant cells. Integrated with that 
question is the limited knowledge concerning the endogenous origin of the acetate substrate 
(Liedvogel and Stumpf, 1982; Bao et al., 2000). 
The aim of this study was to characterize the functions and interplay of ACS and 
ACN1 in compartment-specific acetate/acetyl-CoA metabolism in Arabidopsis. A 
combination of stable isotope labeling studies and metabolomics analysis in the context of 
genetic mutants demonstrates that the plastidic ACS and peroxisomal ACN1 provide 
redundant functions to prevent the accumulation of toxic levels of acetate that affect normal 
growth and development and central metabolism. 
 
Results 
Characterization of acs and acn1 Mutants 
The physiological roles of the ACS and ACN1 genes were explored by characterizing 
plants that carry T-DNA tagged mutant alleles at each locus, and plants that simultaneously 
30 
carry these mutations in both genes (Figure S1a). RT-PCR analysis of RNA isolated from 
wild-type (WT) and mutant plants confirmed that each mutant line carries a null allele, and 
mutations in the ACS gene does not affect ACN1 expression, and vice-versa, mutations in the 
ACN1 gene does not affect ACS expression (Figure S1b). 
Phenotypically, the individual acs or acn1 homozygous mutants do not exhibit any 
discernable defects in growth and development, with normal root growth and elongation, 
rosette expansion, time to flowering, and stem elongation (Figure 1 and Table S1). In 
contrast, all homozygous double mutant plants show highly pleiotropic defects with 
extremely delayed vegetative and reproductive growth and development (Figure 1 and 2a). 
Chi-square (χ2) statistical tests confirm the linkage between the abnormal phenotype and the 
simultaneous homozygosity for the recessive mutant alleles at the two unlinked genes (Table 
S2). Because the four double mutant lines that were evaluated (i.e. acs-1 acn1-1, acs-1 acn1-
2, acs-4 acn1-1, and acs-4 acn1-2) consistently exhibit the near identical phenotypes, detailed 
data are presented only from the acs-1 acn1-2 double mutant line as representative of the 
double mutants. Therefore, the conclusions described below robustly establish that the 
simultaneous loss of both ACS and ACN1 functions is associated with many growth defect 
phenotypes. 
Homozygous acs acn1 double mutant plants do not develop normally (Figure 2a) and 
are ultimately infertile. Therefore, for characterization purposes double mutant homozygous 
plants were generated from the progeny of sesqui-mutant parents; namely plants that are 
homozygous mutant at either acs or acn1, and heterozygous at the other locus. As with the 
single mutants, each of these sesqui-mutant lines (i.e., acs/acs acn1/ACN1 and acs/ACS 
acn1/acn1) display a normal, WT-like morphological phenotype, and the selfed progeny 
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segregate the heterozygous allele with the expected 1:2:1 Mendelian ratio for a recessive 
allele (Table S3). Therefore, gamete formation, fertilization, embryogenesis, and seed 
development are unaffected in the presence of at least one functional ACS or ACN1 allele. 
The first visible trait that differentiates double mutant plants from the sesqui-mutant 
or WT plants is the delayed expansion of the first pair of leaves (Figure S2); in our growth 
conditions this process is delayed by 6 days in the double mutant. Additional phenotypes 
become increasingly apparent and severe as these plants age. These aberrations manifest 
slower root elongation and rosette expansion (Table S1). Furthermore, rosette leaves exhibit 
an altered morphology, marked by an irregular shape, short petioles, serrated margins, and 
curled edges (Figure 2a). The transition from vegetative to reproductive phases (time to 
bolting and flowering) is substantially delayed in the double mutants; these plants bolt 32 
days after the WT (Table S1), after they have produced at least 30-50 leaves, whereas WT 
plants bolt after producing 8-10 leaves. Moreover, the double mutants show reduced apical 
dominance, which leads to the “bushy appearance” of these plants. Additionally, the double 
mutants exhibit significantly delayed leaf senescence and thus these plants remain green for 
up to 150 days, whereas WT plants senesce by 90 days (Figure 2a). The resulting dwarf-like 
phenotype manifests a final bolt height that is only 10% of the WT (Table S1). 
The infertility of the acs acn1 double mutants is due to aberrant flower inflorescences 
(Figure 2c) and defects in floral development (Figure 2b and d). Compared to the WT 
flowers, the flowers of the double mutants are smaller, with smaller anthers, shorter 
filaments, and malformed pistils, and no pollen is released from the anthers. 
  
32 
Alterations in Central Metabolism 
The in planta metabolic consequence of eliminating the ACS and/or ACN1 
function(s) was explored by profiling the metabolomes of the shoot and root tissues of WT, 
acs and acn1 single mutants, and the acs acn1 double mutant seedlings. A total of 51 
metabolites of central metabolism were identified, including 14 amino acids, 9 organic acids, 
4 sugars, 3 phosphorylated intermediates, 3 amines, and 17 lipids. The volcano plots in 
Figure 3 identify those metabolites that are differentially accumulated in the mutant tissues 
with respect to the WT tissues. Consistent with silent phenotypic nature of the acs and acn1 
single mutants, there are very few statistically significant differences in the metabolomes of 
either of these mutants. The most significant differences are associated with the roots of acn1 
mutant plants; levels of 7 metabolites are decreased, with the greatest alteration being a 40% 
reduction in fructose and glucose-6-phosphate levels. 
In contrast to the single mutants, the acs acn1 double mutant exhibits profound and 
distinct alterations in the metabolomes of shoots and roots. In shoots the levels of 24 
metabolites differ significantly from the WT (8 increased and 16 decreased), and in roots the 
levels of 43 metabolites are significantly reduced as compared to the WT. These changes are 
indicative of the metabolic impact of losing both ACS and ACN1 functions. Based on the 
number of metabolites that are altered in the two organs we conclude that although the 
metabolic impact in shoots and roots are similar, the effect is more pronounced in the roots 
than in the shoots of the seedlings. The specific metabolites that show altered levels indicate 
that processes such as fatty acid metabolism, the glyoxylate pathway and gluconeogenesis 
are affected by the acs acn1 double mutation. These conclusions are based on the 
identification of the most-dramatically altered metabolites: a) glucose, glucose-6-phosphate 
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and fructose, which are decreased 5-fold from WT levels; b) plastid-generated and ER-
generated fatty acids that are decreased between 2- and 5-fold; and c) citrate and malate, 
which are decreased by about 5-fold. 
Alterations in Acetate Metabolism 
Because both ACS and ACN1 preferentially utilize acetate as the substrate to produce 
acetyl-CoA, one may expect that plants lacking these enzymes could accumulate higher 
levels of this substrate. Indeed, as compared to the WT seedlings, the in vivo concentration of 
acetate is about 2-fold higher in either of the acs or acn1 single mutants and is further 
increased in the double mutant by ~10-fold, to reach 250 μmol g-1 dry weight (Figure 4d). 
This observation led to the hypothesis that the hyperaccumulation of acetate is 
causative of the growth phenotype associated with the acs acn1 double mutant. We tested 
this hypothesis by growing WT plants on medium containing different concentrations of 
acetate (Figure 4a). The inclusion of 1 mM acetate in the media results in inhibition of 
growth of both the shoots and roots; increasing the concentration of acetate in the media 
further increases the growth inhibition, which is consistent with prior observations on the 
toxicity of acetate (Lin and Oliver, 2008; Turner, et al., 2005). Direct evaluation of these 
tissues confirmed that the acetate was taken up from the media, resulting in increased 
concentrations in the tissue (Figure 4d). Moreover, when the acs or acn1 single mutants are 
grown on this media, the growth inhibition by acetate is not as pronounced as the WT, 
whereas the growth inhibition is even most pronounced in the acs acn1 double mutant 
(Figure 4b and 4c). The growth inhibition parallels the acetate levels in these plants (Figure 
4d). Therefore, the presence of either a functional ACS or ACN1 to metabolize acetate to 
acetyl-CoA is associated with reducing the toxic effects of acetate. 
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Kinetics of 13C Labeling of the Plastidic and Cytosolic Acetyl-CoA Pools 
The flux though acetyl-CoA metabolism in plant cells was monitored by incubating 
seedlings with 13C-labeled precursors (acetate or glucose). Comparing the kinetic labeling 
data obtained with acs or acn1 mutants to the data obtained with WT plants, we can 
discriminate those processes that are dependent on plastidial ACS or peroxisomal ACN1 
activity, respectively. 
The labeling of plastidic and cytosolic acetyl-CoA was inferred by examining the 
McLafferty MS fragment ions (McLafferty et al., 1959) recovered from fatty acid methyl 
esters. The McLafferty fragment ion (i.e., m/z 74) is a typical fragment ion generated by the 
electron ionization that occurs during mass spectrometry, and this fragment contains the 2 
carboxy-terminal carbon atoms of the fatty acid. Thus, it represents the metabolic origins of 
the acetyl-CoA unit that was used in the final elongation cycle of fatty acid synthase or fatty 
acid elongase reaction, which generates that fatty acid. Hence, the fractional abundance of 
the [M+2]+ ion of the McLafferty ion with a mass shift of 2 Da (i.e., m/z 76), represents the 
isotope enrichment of the acetyl-CoA precursor used in the final elongation cycle fatty acid 
biosynthesis. The contribution of ACS to the plastidic acetyl-CoA pool was revealed by 
analyzing the labeling of the McLafferty ion recovered from the methyl ester of 
hexadecanoic acid (16:0), which is a product of de novo fatty acid synthesis in plastids 
(Figure 5a). Figure 5b shows that the incorporation of label into this ion is unaffected by the 
acn1 mutation, reaching ~10% enrichment as in the WT plants, whereas the incorporation of 
label into this ion is almost completely blocked by the acs mutation. This is a finding 
consistent with prior radioisotope studies that identified ACS as the acetate-activating 
enzyme in plastids (Kuhn et al., 1981). 
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Similar studies evaluated the flux of label from acetate through the cytosolic acetyl-
CoA pool, which was tracked by analyzing the McLafferty fragment ion generated from the 
methyl ester of docosanoic acid (22:0). This fatty acid is considered to be generated by an 
ER-localized fatty acid elongase (Li-Beisson et al., 2010), which utilizes a preexisting acyl-
CoA and elongates it with malonyl-CoA, generated from the cytosolic acetyl-CoA pool 
(Figure 5a). Figure 5b shows that label from acetate is more rapidly and more 
comprehensively incorporated into the cytosolic acetyl-CoA pool than the plastidic acetyl-
CoA pool, whereas the acn1 mutation does not affect this incorporation, the acs mutation 
reduces the rate of this incorporation by 50%. These data indicate an unexpected role of ACS 
in activating the cytosolic acetate into fatty acids and the possible existence of an alternative 
cytosolic acetate-activating route that contributes the remaining 50% of labeling in the case 
of the acs mutation. 
Analogous experiments tested whether plastidic ACS and peroxisomal ACN1 are 
involved in activating acetate generated from glycolytic intermediates. In these experiments 
we evaluated if the acs or acn1 mutations affect the rates at which label is incorporated from 
[U-13C6]glucose into the McLafferty fragment ions generated from the fatty acids, 16:0 and 
22:0. Unlike the acetate labelling patterns, these experiments demonstrate that there is no 
difference in these rates among the 3 tested genotypes (Figure S5), indicating that neither 
ACS or ACN1 are involved in generating the in vivo pool of plastidic and cytosolic acetyl-
CoA pools from glycolytic intermediates. This is consistent with prior studies that 
established that the in vivo physiological sources of these two acetyl-CoA pools are a plastid 
localized pyruvate dehydrogenase complex (Bao et al., 2000; Lin et al., 2003) and ATP-
citrate lyase (Fatland et al., 2005), respectively. 
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Kinetics of 13C Labeling of Organic Acids and Amino Acids 
The above [U-13C2]acetate- and [U-13C6]glucose-labeled seedings were in parallel 
analyzed to evaluate the kinetics of label-incorporation into 19 amino acids and 4 organic 
acids. The acs and acn1 mutations did not affect any of the labeling patterns of amino acids 
and organic acids from [U-13C]-glucose as compared to the WT (Figure S6, S7, and S8), 
indicating that the metabolism of acetyl-CoA derived from the glycolytic pathway are not 
dependent on ACS and ACN1 functionality. 
In contrast, as shown in Figure 6, either the acs or acn1 mutant inhibits the labeling 
kinetics of these amino acids and organic acids from [U-13C]-acetate. The greatest genetic 
modulator of these labeling patterns is the acn1 mutation, which reduces the rate of labeling 
by 50% or more for many of these metabolites, including the 4 organic acids (i.e., succinate, 
citrate, malate, and fumarate) and 9 of the analyzed amino acids (i.e., serine, glycine, alanine, 
aspartate, glutamate, glutamine, GABA, proline, and ornithine). These results indicate that 
the ACN-generated acetyl-CoA pool is a substrate for the glyoxylate cycle, labeling 
succinate, citrate, malate, and fumarate. These organic acids can serve as substrates for 
amination or transamination reactions that generate amino acids such as, aspartate, glutamate, 
glutamine, GABA, proline, and ornithine (Owen et al., 2002; Hildebrandt et al., 2015) with 
similar labelling patterns as the organic acid precursors. In addition, the labeling patterns of 
the two photorespiratory intermediates (serine and glycine) represent another mode for 
exporting the acetyl-unit as acetyl-CoA from the peroxisomes (Reumman and Weber, 2006). 
The single effect of the acs mutation is to reduce the rate of leucine labeling, which is 
not affected by the acn1 mutation. This effect on leucine labelling is associated with the 
lower abundance of [M+2]+ ion (Figure S4), indicating that the acetyl group of the plastid 
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acetyl-CoA is directly incorporated into leucine. These data are therefore consistent with the 
fact that leucine is synthesized from chloroplastic pyruvate and acetyl-CoA (Binder, 2010). 
Acetate Production via the Oxidation of Ethanol 
Although the above genetic and labeling experiments defined the important roles of 
ACS and ACN1 for metabolizing acetate, the metabolic origin of this acetate is unclear. One 
potential source maybe by the oxidation of ethanol via the intermediate acetaldehyde, also 
associated with the pyruvate dehydrogenase bypass (PDH bypass) (Boubekeur et al., 1999). 
This potential was addressed by comparing the response of the WT and acs and acn1 mutant 
seedlings grown in the presence of ethanol. The growth of WT and acn1 mutant seedlings 
were unaffected by exposure to 20mM ethanol, and the concentration of endogenous acetate 
was unaffected (Figure 7b). However, the response of the acs mutant was dramatically 
different. These seedlings show significant growth phenotypic defects that resemble the acs 
acn1 double mutant phenotype (Figure 7a), and this is coupled with a 7-fold increase in 
endogenous acetate levels (Figure 7b), which again mirrors the effect of the acs acn1 double 
mutation (Figure 4d). The coupling of growth aberrations with increased endogenous acetate 
levels is illustrated by titrating the ethanol expose of the acs mutant seedlings. The data 
presented in Figure S9b shows the direct correlation between exposure to increasing ethanol 
concentration with a growth penalty and increasing endogenous acetate concentration. These 
data therefore indicate the predominant contribution of ACS in the removal of excess acetate 
produced from ethanol. 
Further evidence that ethanol is a metabolic precursor of acetate was gained by using 
mutants in other enzymes required in this oxidation pathway, alcohol dehydrogenase (ADH) 
that generates acetaldehyde from ethanol, and aldehyde dehydrogenase (ALDH) that 
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converts acetaldehyde to acetate. Specifically, we genetically combined the acs mutation 
with either adh or aldh mutations to generate double mutant stocks. This experiment was 
complicated by the fact that whereas ADH is encoded by a single gene (At1g77120), the 
Arabidopsis genome encodes potentially 14 ALDH isozymes (Stiti et al., 2011). We 
specifically focused on the mitochondrial ALDH2B4 isozyme, which appears to be the major 
contributor to this pathway (Wei et al., 2009). Figure 7 shows that plants that carry the 
combination of acs and aldh2b4 mutations, the hyperaccumulation of acetate is blocked 
when these seedlings are challenged with exogenous ethanol. These results therefore 
establish the importance of ALDH2B4 in forming acetate from ethanol-derived acetaldehyde. 
However, the finding that the acs adh double mutant only suppresses acetate 
hyperaccumulation from ethanol by ~30% (Figure 7), suggests that there is an alternative 
source of acetaldehyde. 
Additional experiments were thus conducted to test whether this alternative source of 
acetaldehyde is via the non-oxidative decarboxylation of pyruvate (i.e., the PDH bypass), 
catalyzed by pyruvate decarboxylase (PDC). Among the four genes encoding PDC in 
Arabidopsis, PDC1 and PDC2 are associated with hypoxic tolerance that generates ethanol 
(Ismond et al., 2003; Mithran et al., 2013). Hence, we evaluated if the incorporation of label 
into acetate from [U-13C6]-glucose is affected by mutations in these PDC genes. With WT 
seedlings the labeling of acetate from [U-13C6]-glucose was doubled when the seedlings were 
exposed to hypoxia (Figure 8b). The involvement of PDC and ALDH in this conversion is 
indicated by the fact that the pdc mutation (specifically pdc1) and aldh mutation (specifically 
aldh2b4) reduce this conversion by ~50% and ~80%, respectively, whereas the pdc2 
mutation did not have such an inhibitory effect (Figure 8b). Further supporting evidence for 
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the involvement of PDC1 and ALDH2B4 in this conversion of glucose to acetate in hypoxia 
was obtained by the similarity in labeling patterns obtained with the acs aldh2b4 double 
mutant and the acs pdc1 pdc2 triple mutant (Figure 8b). 
 
Discussion 
Acetate Activation to Acetyl-CoA 
The high energy thioester bond that covalently links acetate and CoA to form acetyl-
CoA has attributes that facilitate the role it plays as a key intermediate in metabolism, 
juxtaposed between anabolic and catabolic processes and linking central metabolism with 
specialized metabolism (Pietrocola et al., 2015). Indeed, it has been hypothesized that acetyl-
CoA may have preceding the role of ATP as the common energy carrier in a so called 
"thioester world" (de Duve, 1995).  
Because of the cellular and subcellular compartmentalization that occurs in 
multicellular organisms, and because CoA-esters are membrane-impermeable molecules, the 
generation and utilization of acetyl-CoA is generally distributed in separate subcellular 
compartments to meet the dynamic physiological demands of the cell in response to different 
developmental and environmental cues. This is particularly apparent in plants, where 
multiple metabolic processes regulate the flux through acetyl-CoA-pools in at least four 
subcellular compartments (Oliver et al., 2009). Although considerable research has been 
devoted to identify the acetyl-CoA generation mechanisms in plastids (Huang and Stumpf, 
1970; Ke et al., 2000; Lin and Oliver, 2008), mitochondria (Thompson et al., 1977; Yu et al., 
2012), peroxisomes (Turner et al., 2005), and cytosol (Fatland et al., 2005), the crosstalk 
among these acetyl-CoA generating systems is relatively unknown. The presence of 
redundant acetyl-CoA generating enzymes and the difficulty of analyzing compartmentalized 
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metabolites have posed a challenge to understand the spatially and temporally regulated 
acetyl-CoA metabolism in separate subcellular compartments in plants. In this study, we 
generated multi-mutant plant stocks and applied metabolomic profiling and stable isotope 
labelling strategies to characterize two distinctly localized acetate-activating systems (ACS 
and ACN1) in plants and addressed their importance in the physiology and metabolism 
associated with growth and development. 
The initial demonstration in the 1950’s that isotopically labelled acetate can be 
incorporated into fatty acids (Newcomb and Stumpf, 1953) suggested the role of AMP-
forming acetyl-CoA synthetases (ACS) in generating acetyl-CoA in plant cells. However, the 
in planta physiological role of this mechanism for generating this fatty acid precursor is 
unclear because both genetic (Lin et al., 2003) and isotope labeling experiments (Bao et al., 
2000) establish that the plastidic acetyl-CoA is predominantly generated from pyruvate, a 
reaction catalyzed by ptPDHC (Williams and Randall, 1978). These findings have generated 
a still unanswered question: what is the physiological and metabolic role of the direct 
activation of acetate by ACS to generate acetyl-CoA in plastids? Moreover, plants express 
two AMP-forming, acetate activating enzymes, ACS in plastids, and ACN1 in peroxisomes 
(Lin and Oliver, 2008; Turner et al, 2005). 
The existence of two isozymes of ACSs in different subcellular locations has been 
characterized in many eukaryotes, including fungi and mammals (Fujino et al. 2001; Lee et 
al. 2011; Schug et al. 2016). In the case of Saccharomyces cerevisiae, the mitochondrial and 
cytosolic ACS isozymes are needed for growth on acetate and glucose, respectively, 
providing cells more metabolic flexibility to changing environmental stimuli. However, the 
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simultaneous disruption of both of these isozymes is lethal (Van Den Berg and Steensma, 
1995). 
Combined Action of ACS and ACN1 are Required for Normal Plant Growth and 
Acetate Detoxification 
Prior genetic characterizations established that plants carrying either acs or acn1 
mutations are viable, without any obvious abnormal growth phenotype (Lin and Oliver, 
2008; Turner et al., 2005). In this study we unequivocally demonstrate that the combined 
functionality of the plastidic ACS and peroxisomal ACN1 are required for normal plant 
growth and development. Thus, the loss either one isozyme can be compensated by the 
overlapping function(s) of the other enzyme but losing both enzymes is deleterious to normal 
growth. The metabolic alterations that are displayed by the acs acn1 double mutant includes 
the drastic reduction in the levels of many intermediates of central metabolism (i.e., amino 
acids, organic acids, sugars, and lipids) and the hyperaccumulation of acetate. These 
metabolic alternations were not observed in either the acs nor acn1 single mutants, 
suggesting that the alternative plastidic acetyl-CoA generation via PDHC (Lin et al., 2003) or 
peroxisomal acetyl-CoA generation by β-oxidation pathway (Graham, 2008) can compensate 
for the deficiency in acetyl-CoA formation in each compartment. If these alternative acetyl-
CoA generating routes can provide sufficient plastidic and pexisomal acetyl-CoA pools in the 
absence of the two acetate-activating enzymes, the metabolic deficiency in the acs acn1 
double mutant is unlikely to be due to the lack of flux to the product (i.e., acetyl-CoA), but 
rather the build-up of the substrate (i.e., acetate). 
The elevated accumulation of acetate in the acs acn1 double mutant is clear 
indication that ACS and ACN1 are required to maintain acetate homeostasis and avoid the 
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build-up of toxic levels of this carboxylic acid. Acetate toxicity can occur because of the 
lowering cytoplasmic pH, damaging cellular membrane integrity (Lulit and Strohl, 1990; 
Jarboe et al, 2013). Furthermore, because acetate is permeable across membranes, especially 
in the undissociated form (i.e., acetic acid) (Jacobson and Stumpt, 1972), we postulate that 
the acetate that accumulates in one compartment, caused by blocking one of the acetate-
activating enzymes, can move across membranes and be metabolized by the other distinctly 
localized acetate-activating enzyme. Thus, acetate levels are not elevated to extreme levels in 
either of the acs or acn1 single mutants, whereas acetate hyperaccumulates when both these 
genes are mutated. Consistent with this hypothesis, compared to the individual single mutants 
(i.e., acs or acn1), the toxic effect of external acetate is severely exaggerated in the double 
mutant seedlings that are lacking both ACS and ACN1 activities. Thus, we conclude that the 
redundant acetate-activating enzymes protect plants from the intracellular accumulation of 
toxic levels of acetate. 
Metabolic Origin of Acetate in Plants 
When the acs acn1 double mutant seedlings are grown in the absence of exogenous 
acetate, the endogenous acetate level is increased 10-fold as compared to the WT seedlings, 
which implies that acetate is normally generated by plants. This study provides direct 
evidence that acetate is produced by the oxidation of acetaldehyde catalyzed by ALDH2B4. 
Furthermore, there are two potential metabolic sources of acetaldehyde, ethanol oxidation 
catalyzed by alcohol dehydrogenase or non-oxidative decarboxylation of pyruvate, catalyzed 
by pyruvate decarboxylase.  
Evidence for the former mechanism is the hyper-accumulation of acetate in the acs 
mutant fed with ethanol, indicating that the predominant role of ACS in metabolizing 
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ethanol-derived acetate. In contrast to the acs mutant, the lowering of acetate levels in the 
ethanol-fed acs aldh2b4 double mutant clearly establishes the key role of ALDH2B4 in 
converting ethanol-derived acetaldehyde to acetate. The involvement of ACS and ALDH in 
metabolizing ethanol to fatty acids via acetate have been implicated from prior observations 
of the incorporation of label from 14C-ethanol into fatty acids (Cossins and Beevers, 1963; 
Mellema et al., 2002), and the fact that this rate of labelling is reduced in the acs and aldh 
mutants (Lin and Oliver, 2008; Wei et al., 2009).  
Evidence for the second mechanism of acetaldehyde generation from pyruvate is 
supported by our 13C-glucose labelling experiments highlighting the key roles of PDC1 and 
ALDH2B4 in this conversion, particularly during hypoxia. Prior observations detected a 
burst of acetaldehyde accumulation when plants are re-introduced to oxygen after exposure 
to hypoxia (Kreuzwieser et al., 1999; Boamfa et al., 2003; Copolovici and Niinemets, 2010). 
Thus, the ability of plants to convert acetaldehyde to acetate may be related to post-hypoxic 
recovery (Nakazono et al., 2000; Tsuji et al., 2003).  
Metabolic Fate of Acetate in Plant Cells 
The metabolic fate of acetate via ACS-dependent or ACN1-dependent activation to 
acetyl-CoA was delineated by tracing the dynamic incorporation of 13C-labeled acetate into 
various downstream metabolites, as affected by mutations in each enzyme. The acetyl-CoA 
pool generated by ACS supports the de novo synthesis of fatty acids and leucine, confirming 
the prior characterizations of plastidic acetyl-CoA metabolism (Kuhn et al., 1981; Binder, 
2010). On the other hand, the ACN1-generated acetyl-CoA pool provides the carbon 
backbones for synthesis of many organic acids (succinate, citrate, malate, and fumarate) and 
amino acids (aspartate, glutamate, glutamine, GABA, proline, ornithin, glycine and serine). 
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Because ACN1 is localized in peroxisomes and these amino acids are not synthesized in this 
organelle, it is likely that the translocation of peroxisomal acetyl unit is through the 
glyoxylate cycle, resulting in the labelling of the organic acids and amino acids. 
Finally, our labeling experiments suggests the existence of an additional acetate-
activating route in the cytosol that is independent on ACS and ACN1 functionality. This 
uncharacterized route is inferred to explain the incorporation of label from 13C-acetate into 
cytosolic acetyl-CoA-derived fatty acids in both the acs and acn1 single mutants. The near 
identical labeling pattern of cytosolic acetyl-CoA between wild-type and acn1 mutant rules 
out the possibility that cytosolic acetyl-CoA is labeled from 13C-acetate via citrate (Fatland et 
al., 2005), which can be labeled from ACN1-generated acetyl-CoA pool via the glyoxylate 
cycle. Other evidence that supports the presence of this alternative acetate-activating route is 
the fact that the acs acn1 double mutant is still viable. This alternative pathway, though less 
efficient than ACS and ACN1, could prevents the acs acn1 double mutant accumulating an 
even higher level of acetate that leads to complete growth arrest, as seen in our 
acetate/ethanol feeding experiments. One potential source of such an acetyl-CoA generating 
mechanism could be provided by other 61 members in the acyl-activating enzyme 
superfamily which display broad substrate range in activating carboxylic acids (Shockey and 
Browse, 2011). 
In summary, this study has revealed the important role of acetate metabolism in plants 
by genetically and metabolically characterizing two distinctly located acetate-activating 
enzymes (i.e., plastidic ACS and peroxisomal ACN1). The redundant acetate-activating 
routes are required for normal plant growth and preventing plants from accumulating toxic 
levels of acetate, particularly after exposure to such stress conditions such as hypoxia. 
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Materials and Methods 
Plant Materials and Growth Conditions 
Seed stocks of wild-type Arabidopsis thaliana (ecotype Col-0) and T-DNA 
insertional mutant lines were obtained from the Arabidopsis Biological Resource Center 
(http://abrc.osu.edu/). The single knockout line acs-1 (SALK_015522) has been described 
earlier (Lin and Oliver, 2008), and alleles acs-4 (SALK_131620), acn1-1 (SALK_009373), 
and acn1-2 (CS903402) are described herein. In addition, the previously characterized pdc1 
(SALK_090204), pdc2 (CS862662), adh1 (SALK_052699), aldh2b4 (SALK_078568) 
mutants were used for the ethanol feeding and hypoxia treatment experiments (Mithran et al., 
2013; Song et al., 2017; Wei et al., 2009). All mutant alleles are in the Col-0 background. 
Seeds were surface sterilized and scattered on half strength Murashige and Skoog (1/2 
MS) agar medium supplemented with a vitamin mixture (Sigma-Aldrich, St. Louis, MO). In 
the acetate and ethanol feeding experiments, the agar medium was supplemented with 
different concentrations of sodium acetate and ethanol, respectively. All media were adjusted 
to pH 5.7 before sterilization. Seeds were imbibed and stratified for 48 h at 4 °C in darkness 
and plants were grown under continuous illumination (100 μmol photons m−2 s−1) at 22 °C 
and 60% relative humidity. For the hypoxia treatment experiment, 16-day-old seedings 
grown on agar plates were transferred into 1/2 MS liquid medium containing 10 mM [U-
13C6]glucose. Hypoxia was induced by flushing the liquid medium with nitrogen for 24 h to 
remove dissolved oxygen. As controls, parallel set of plants were kept in the same liquid 
medium but under aerobic conditions for the duration of the experiment. 
PCR-based Genotyping and RT-PCR Analysis 
PCR-based genotyping was conducted with template plant genomic DNA extracted 
from rosette leaves of individual plants as described previously (Sussman et al, 2000) and 
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adapted to 96-well plate format. PCR reactions were conducted with GoTaq Green Master 
Mix (Promega, Madison, WI) with allele-specific primer pairs (Table S4). The resulting PCR 
products were analyzed by agarose gel electrophoresis. The precise T-DNA insertion 
positions in each allele of the ACS and ACN1 genes were identified as the 18th intron for acs-
1 allele and 12th intron for acs-4 allele, and the 3rd exon for acn1-1 allele, and 2nd exon for 
acn1-2 allele (Figure S1a). 
RT-PCR analysis was conducted on RNA isolated from plants using TriZol 
(Invitrogen, Carlsbad, CA). Contaminating DNA was removed by using a TURBO DNA-free 
kit (Invitrogen, Carlsbad, CA). RNA concentration was determined spectroscopically using 
NanoDrop ND1000 Spectrophotometer (Thermo Fisher Scientific, Waltham, MA). cDNA 
synthesis was conducted with cDNA EcoDry Kit (Clontech, Mountain View, CA) using 2 µg 
of RNA as the precursor. The resulting cDNA was used as the template for semiquantitative 
RT-PCR, performed with gene-specific primer pairs (Table S5) and the GoTaq Green Master 
Mix. 
Meiotic Recombination to Generate Multi-mutant Stocks 
Double mutants targeting the ACS and ACN1 genes were generated by crossing 
homozygous plants carrying each of the acs mutant alleles with homozygous mutant plants 
carrying each of the acn1 alleles. The acs acn1 homozygous double mutant lines (i.e., acs-1 
acn1-1, acs-1 acn1-2, acs-4 acn1-1, and acs-4 acn1-2 double mutants) were detected in the 
F2 selfed progeny of the four pair-wise combinations of crosses, and these stocks were 
confirmed by PCR-genotyping. For each of the four double mutant lines, families of more 
than 500 F2 plants were individually screened for aberrant phenotypes. Segregation ratios 
were determined by PCR-genotyping of 200 individual F3 plants generated from the self-
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pollination of stocks that carried sesqui-mutant combination of alleles. A statistical chi-
square goodness-of-fit test was used to determine whether the observed segregation ratios 
differ from the expected Mendelian segregation ratios. Similar intermating strategies were 
used to generate the acs adh1 and acs aldh2b4 double mutant, and the acs pdc1 pdc2 triple 
mutant stocks.  
Plant Phenotyping 
Images of emerging seedlings and freshly opened flowers were obtained with a 
stereomicroscope (Macrozoom imaging systems). Mature plants were imaged with a Nikon 
digital camera. Root length and rosette diameter were determined by quantifying the images 
using ImageJ software (http://imagej.nih.gov/ij/). Time to floral transition is defined as the 
interval from gemination to the day at flower bolting. All measurements were carried out on 
16 biological replicates. The significance of differences between the mutant plants and the 
WT were assessed by ANOVA, followed by Dunnett’s test for multiple comparison of means 
using R package ‘lsmeans’ (Lenth, 2016). 
Metabolite Profile Analysis 
Leaves and roots of 16-day-old Arabidopsis seedlings from the mutant lines and WT 
were rapidly collected, flash-frozen in liquid nitrogen, and lyophilized. Metabolites were 
extracted from pre-weighed dry tissues using the methanol/chloroform/water extraction 
protocol as described previously (McVey et al., 2018). Known concentrations of norleucine 
and nonadecanoic acid were spiked onto the tissue, and these were used as internal 
quantification standards for polar and non-polar fractions, respectively. The extracts were 
separated into two phases, facilitated by centrifugation, and the upper methanol-water phase 
(polar fraction) was removed, dried, and derivatized with methoxyamine hydrochloride and 
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N, O-Bis (trimethylsilyl) trifluoroacetamide (BSTFA) with 1% trimethylchlorosilane 
(TMCS). The trimethylsilyl (TMS) derivatized polar samples were analyzed by a gas 
chromatography–mass spectrometry (GC–MS) system (an Agilent 6890 GC equipped with 
an Agilent HP-5ms column and interfaced to an Agilent 5973 mass spectrometer) as 
described previously (McVey et al., 2018). The bottom, chloroform phase (non-polar 
fraction) was dried separately and derivatized using 1 N methanolic HCl as described by Lu 
et al. (2008). The recovered fatty acid methyl esters (FAMEs) were quantified using a GC 
coupled to a flame ionization detector (FID) system (an Agilent 6890 GC equipped with an 
Agilent DB-1ms column). The chemical identity of each individual FAME was confirmed by 
mass-spectrometry with an Agilent 5973 mass spectrometer. All peak areas were normalized 
relative to the peak areas of the internal standards (norleucine and nonadecanoic acid) and 
per sample dry weight. The averages from at least 4 biological replicates were used to 
determine the fold-changes between each mutant line and the WT. Student's t-test was 
performed to identify the metabolites that changed concentrations between each mutant line 
relative to the WT. The resultant p-values was corrected using Benjamini-Hochberg method 
(Benjamini and Hochberg, 1995) to control the False Discovery Rate (FDR) at 0.05, using R. 
Quantification of Acetate 
Seedlings were harvested, quenched in liquid nitrogen, and lyophilized. Pre-weighed 
dry samples were homogenized for 1 min at 30 Hz, using a Mixer Mill 301 (Retsch GmbH, 
Germany) with 5 Zirconia beads (2.3 mm; Biospec.com). Following the addition of the 
internal standard [U-13C2]sodium acetate (99 atom % 13C, Sigma-Aldrich, St. Louis, MO) at a 
rate of 4 µg per mg dry tissue, the tissue was extracted with 200 µl of HPLC-grade water. 
After sonication for 15 min and centrifugation at 16,000 g for 10 min, 50 µl of the 
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supernatant was diluted with an equal amount of HPLC-grade isopropanol, and the mixture 
was adjusted to pH to between 2 and 3 by the addition of 4N HCl. The extracts were 
analyzed using a GC–MS system (an Agilent 6890 GC coupled to an Agilent 5975C mass 
spectrometer), equipped with a nitroterephthalic acid modified polyethylene glycol (HP-
FFAP) column (30 m, 0.25 mm internal diameter, 0.25 μm film thickness; Agilent 
Technologies, Santa Clara, CA). An aliquot of the sample extract (2 μl) was injected in split-
less mode with a helium carrier gas flow set at 2 ml/min, and the injector and transfer line 
temperatures were set to 260 °C. The oven temperature was initially held at 60 °C for 1 min, 
then raised at 7.5 °C/min to 120 °C, ramped at 30 °C/min to 240 °C, and kept at this 
temperature for 2 min. The mass spectrometer was operated on selective-ion mode (electron 
impact at 70 eV, ion source temperature at 240 °C), monitoring ions at m/z values of 60-62. 
Peak areas of unlabeled acetate (m/z 60) and the 13C-labeled internal standard (m/z 62) were 
processed using Agilent ChemStation software. The amount of plant endogenous acetate was 
calculated using the standard isotope dilution method (Rittenberg and Foster, 1940). The 
fractional abundance of 13C2-labeled acetate in the hypoxia treatment experiment was 
determined with [1-13C1]sodium acetate (99 atom % 13C, Sigma-Aldrich, St. Louis, MO) as 
the internal standard. The amount of unlabeled acetate (m/z 60) and 13C2-labeled acetate (m/z 
62) were calculated based on the 13C1-labeled internal standard (m/z 61) using the isotope 
dilution method. 
13C-Isotope Kinetic Labelling  
A liquid culture seedling system was utilized to monitor the kinetics of the 
incorporation of stable isotope from a defined substrate to downstream metabolites. This 
system enabled the rapid switch of the substrate of interest from the 12C-substrate to the 13C-
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labelled substrate (Evans et al., 2018, Yuan et al., 2008). Specifically, sterilized seeds were 
germinated in 125 ml sterile Erlenmeyer glass flasks containing 50 ml of 1/2 MS liquid 
medium at pH 5.7 (adjusted as needed with KOH) supplemented with either 1 mM sodium 
12C-acetate or 10 mM 12C-glucose. These flasks were arranged in a randomized complete 
block design on a platform shaker (120 rpm) under continuous illumination (100 μmol 
photons m−2 s−1) at a temperature of 22 °C. After 15 day incubation period, seedlings were 
rapidly switched into flasks containing an identical medium, with the exception of including 
either 1mM [U-13C2]sodium acetate or 10 mM [U-13C6]glucose). This medium switch was 
staggered so that 60-hours later, different flasks exposed the seedling to the labelled medium 
for 12, 24, 36, 48, or 60 h. Seedlings were then quickly collected by filtration, washed three 
times with 1/2 MS medium, quenched by flash-freezing in liquid nitrogen, lyophilized, and 
stored at −80 °C until analysis. 
GC-MS Analysis of Isotopic Labeling Patterns 
Extraction of intracellular metabolites and analysis by a GC-MS was performed as 
already described, using an Agilent 6890 GC equipped with an Agilent HP-5ms column and 
coupled to an Agilent 5973 mass spectrometer. All measurements were carried out on four 
biological replicates. The fatty acids recovered in the non-polar fraction were converted to 
FAMEs as described previously (Lu et al., 2008). The McLafferty fragment ion (m/z 74) 
from individual FAMEs contain the C1 and C2 of saturated fatty acids. The fractional 
labeling of these two terminal carbon atoms of each fatty acid was determined by the analysis 
of the m/z 74 to 76 ion cluster (Schwender and Ohlrogge, 2002). Amino acids and organic 
acids recovered in the polar fraction were derivatized in anhydrous pyridine with N-(tert-
butyldimethylsilyl)-N-methyltrifluoroacetamide (MTBSTFA) and 1% tert-
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butyldimethylchlorosilane (TBDMCS) as described by Young et al. (2014). The resulting 
tert-butyldimethylsilyl (TBDMS) derivatives produce characteristic mass-spectrometric 
fragment ions as described earlier (Antoniewicz et al., 2007; Young et al., 2014). Table S6 
identifies these characteristic fragment ions that were used for the isotopomer analysis and 
the number of carbon atoms that could be labeled in the evaluated amino acids and organic 
acids. Extracted ion chromatograms for each isotopomer were integrated using DExSI 1.11 
(Dagley and McConville, 2018) to generate mass isotopomer distribution (MID), which 
describes the fractional abundances of each mass isotopomer for a metabolite (Buescher et 
al., 2015). A metabolite with n carbon atoms can have n mass isotopomers with the m/z range 
from M to M+n; the sum of the fractional abundances from M to M+n is 100%. The 
measured MIDs were corrected for natural isotope abundance using Fluxfix 0.1 (Trefely et 
al., 2016). The mean 13C enrichment for each metabolite is the weighted sum of the fractional 
abundance of each mass isotopomer as described earlier (Schwender and Ohlrogge, 2002; 
Szecowka et al., 2013).  
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Figure 1. Vegetative and reproductive growth of acs and acn1 single mutants, acs acn1 
sesqui-mutants and double mutants. Images of the indicated genotypes were captured at 
defined intervals after planting. All plants were simultaneously grown in adjoining positions 
in a growth room, under continuous illumination. Scale bars represent 1 cm. Statistical 
analysis of the root length, rosette diameter, height of mature bolt, and time to floral 




Figure 2. Phenotypic characterization of the acs acn1 double mutant plants. (a) Wild-type 
(WT) and acs acn1 double mutant plants were imaged at the indicated intervals. The altered 
phenotypes include: serrated leaf margins and short petioles (at 30-days); increased number 
of rosette leaves and delayed bolting (at 60-days); shorter and branched axillary 
inflorescences (at 90-days); and dwarf appearance and delayed senescence (at 150-days). (b) 
Comparison of WT and acs acn1 double mutant flowers at: closed flower bud stage (left); 
half-opened flower stage (middle), and opened flower (right). In each image, one sepal was 
removed to reveal the interior organs. (c) Abnormal inflorescence architecture in the double 




Figure 3. Volcano plot visualization of statistically significant changes in shoot and root 
metabolite levels in the acs or acn1 mutants and in the acs acn1 double mutant, as compared 
to the levels in wild-type tissues. Red and blue data points above the horizontal dashed grey 
line indicate statistically significant (p-value < 0.05, n = 4; False Discovery Rate) changes in 
metabolites levels. The data points in each plot represent 51 metabolites whose identify is 
provided in Supplemental Data S1, and these include amino acids (#1-14), organic acids 
(#15-23), sugars and sugar alcohols (#24-27), phosphate and phosphorylated metabolites 
(#28-31), amines (#32-34), and lipids (#35-51). 
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Figure 4. Effect of acetate on the growth of seedlings and on the levels of endogenous 
acetate. (a) Wild-type (WT) Arabidopsis seedlings grown for 16-days on media 
supplemented with the indicated concentrations of acetate. (b) Morphological phenotype of 
WT and mutant seedlings grown for 16 days on media with or without 1 mM acetate. (c) 
Root length of the WT and mutant seedlings grown for 16 days on media with or without 1 
mM acetate; values are means ± SE (n>14). (d) Acetate content in the WT and mutant 
seedlings grown on media with or without 1 mM acetate. Values are means ± SE (n=4). 
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Figure 5. Kinetics of isotope incorporation into the McLafferty ion of the methyl ester 
derivatives of hexadecanoic acid (16:0) and docosanoic acid (22:0) from [U-13C2]acetate and 
[U-13C6]glucose. (a) Isotope incorporation into the 16:0-derived and 22:0-derived McLafferty 
ions reflects the plastidic and cytosolic acetyl-CoA pools, respectively. (b) Time course of 
the incorporation of isotope by Arabidopsis seedlings (WT, and acs and acn1 mutants) 
incubated on media containing 1 mM [U-13C2]acetate. Fatty acids were extracted and 
derivatized to fatty acid methyl esters and analyzed by GC-MS to determine the labeling of 

































































Figure 6. Pathway view of [U-13C2]acetate labeling kinetics of amino acids and organic 
acids. Time course of isotope labeling of Arabidopsis seedlings (WT, and acs and acn1 
mutants) incubated in 1 mM [U-13C2]acetate. Tert-butyldimethylsilyl derivatives of amino 
acids and organic acids were analyzed by GC-MS to determine mass isotopomer 
distributions. Mean 13C enrichment was calculated as described in Materials and Methods. 
Values are means ± SE (n=4). Time course of mass isotopomer distribution of these 13C-
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Figure 7. Effect of ethanol on the growth of seedlings and endogenous acetate levels. (a) 
Morphological phenotype of 16-day-old WT and mutant seedlings grown on media 
supplemented with or without 20 mM ethanol. (b) Acetate content in WT and mutant 
seedlings grown with or without 20 mM ethanol. Values are means ± SE (n=3-5). 
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Figure 8. Effect of hypoxia on the incorporation of label from [U-13C6]glucose into acetate. 
(a) Schematic representation of the metabolic process for the 13C incorporation into acetate 
from [U-13C6]glucose. [U-13C6]glucose will generate [13C3]pyruvate through glycolysis. (b) 
Arabidopsis seedlings were cultured in media supplemented with 10 mM [U-13C6]glucose in 
the presence or absence of hypoxia treatment for 24 h. The 13C enrichment of cellular acetate 





Figure S1. Identification of acs and acn1 mutant alleles. (a) Schematic diagram of the ACS 
(At5g36880) and ACN1 (At3g16910) gene structures and the positions of T-DNA insertion 
sites for acs-1 (SALK_015522), acs-4 (SALK_131620), acn1-1 (SALK_009373), and acn1-
2 (CS903402) mutant alleles. Exons are indicated as black boxes, 5' and 3' untranslated 
regions as gray boxes, and introns as black lines. (b) RT-PCR analysis of the indicated 
mRNAs using template RNA isolated from rosette leaves of wild-type (WT), and acs-1, acs-




Figure S2. Development of progeny from acs acn1 sesqui-mutant seedlings. Progeny seeds 
of the acs acn1 sesqui-mutants (acs/acs acn1/ACN1 or acs/ACS acn1/acn1) were geminated 
on 1/2 MS medium. Seedling growth was imaged over the initial 13 days of growth. The 
genotypes of individual seedlings were confirmed by PCR analysis. The delay in the 
expansion of the first pair of leaves of the acs acn1 double mutant seedlings (right-most 




Figure S3. Time course of mass isotopomer distribution of 13C-labeled organic acids from 
[U-13C2]acetate. The relative abundance of each isotopomer [M+n]+ for a given metabolite is 
shown. For each metabolite, “n” corresponds to the number of 13C atoms incorporated. 
Values are means ± SE (n=4).
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Figure S4. Time course of 13C-labeling of amino acids from [U-13C2]acetate. The relative 
abundance of each isotopomer [M+n]+ for a given metabolite is shown. For each metabolite, 
“n” corresponds to the number of 13C atoms incorporated. Values are means ± SE (n=4). 
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Figure S5. Kinetics of isotope incorporation into the McLafferty fragments of methyl ester 
derivatives of hexadecanoic acid (16:0) and docosanoic acid (22:0) from [U-13C6]-glucose by 
WT, and acs and acn1 mutant seedlings. Values are means ± SE (n=4). 
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Figure S6. Pathway view of [U-13C6]glucose labeling kinetics of amino acids and organic 
acids. Time course of isotope labeling of Arabidopsis seedlings (WT, and acs and acn1 
mutants) incubated in 10 mM [U-13C6]glucose. Tert-butyldimethylsilyl derivatives of amino 
acids and organic acids were analyzed by GC-MS to determine mass isotopomer 
distributions. Mean 13C enrichment was calculated as described in Materials and Methods. 




Figure S7. Time course of mass distribution of 13C-labeled organic acids from [U-
13C6]glucose. The relative abundance of each isotopomer [M+n]+ for a given metabolite is 
shown. For each metabolite, “n” corresponds to the number of 13C atoms incorporated. 
Values are means ± SE (n=4). 
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Figure S8. Time course of 13C-labeling of amino acids from [U-13C6]glucose. The relative 
abundance of each isotopomer [M+n]+ for a given metabolite is shown. For each metabolite, 




Figure S9.  Effect of ethanol dose on the growth of seedlings and endogenous acetate levels. 
(a) Morphological phenotype of the 16-day-old WT and acs mutant seedlings grown on 
media supplemented the indicated concentrations of ethanol. (b) Acetate content in the WT 
and acs mutant seedlings grown media supplemented the indicated concentrations of ethanol. 





Table S1. Growth parameters of acs1 and acn1 single mutants, acs1 acn1 sesqui- and double 
mutants. The root length and diameter of the rosette leaves were measured in 14-day-old and 
20-day-old seedlings, respectively. The height of the mature bolt was measured with 
senescing two-month-old plants. Time to floral transition was determined as the days from 
gemination to the day at bolting. Values are given as means ± SE (n = 16). Asterisks mark 
differences between the mutant and wild-type and at p < 0.05 based on one-way ANOVA 
















               Wild-type  6.0 ± 0.4  30.7 ± 1.7  36.3 ± 1.3  34.9 ± 1  
Single 
acs-1 6.3 ± 0.1 31.2 ± 0.9 37 ± 1.4 34.7 ± 0.9 
acs-4 5.4 ± 0.3  28.3 ± 2.1 36.3 ± 1.4 34.9 ± 0.9 
acn1-1 6.6 ± 0.2 33.8 ± 0.7 33.8 ± 0.7 32.4 ± 0.9 
acn1-2  5.4 ± 0.5  28 ± 1.7  41.3 ± 1.7  34.5 ± 0.9  
Sesqui acs/acs acn1/ACN1  5.7 ± 0.3  29.7 ± 1.6 36 ± 1.5 34.7 ± 1 acs/ACS acn1/acn1 5.9 ± 0.2 24.4 ± 1.6* 38.1 ± 1.9 35.4 ± 1 




Table S2. Segregation analysis in the F2 generation of acs1 acn1 double mutants resulting 
from four cross combinations. a. Chi-square (χ²) values were calculated to measure the 
deviation of the observed ratio from the expected segregation ratio of 15:1. The phenotype of 
the double mutant segregated as two unlinked recessive traits (1/16 mutant phenotype). 
 
Parent genotype Normal progenies 
Abnormal  
progenies 
p-value of  
χ² test a 
acs-1 acn1-1 582 31 0.222 
acs-1 acn1-2 574 41 0.669 
acs-4 acn1-1 597 45 0.427 
acs-4 acn1-2 532 34 0.811 
 
Table S3. Segregation analysis in the F3 progenies of the two sesqui-mutant combinations 
acs ACN1 and ACS acn1. a. χ² values were calculated for the hypothesized segregation ratio 





Segregating mutation  p-value of  
χ² test a WT Heterozygous Homozygous 
acs ACN1/ACN1 ACN1/acn1 acn1/acn1 
0.249   81 133 63 
acn1 ACS/ACS ACS/acs acs/acs 
0.155    72 145 54 
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Table S4. Sequences of the DNA primer pairs used for PCR-based genotyping. 
PCR primer pairs  Primer sequence 




PCR-genotyping of T-DNA 
insertional allele for acs-1 
5’-GCGTGGACCGCTTGCTG-3’ 
5’-TCCGAGTTCTTCTAATTGCC-3’ 




PCR-genotyping of T-DNA 
insertional allele for acs-4 
5’-ATTTTGCCGATTTCGGAAC-3’ 
5’-TTGGTTTTTGAAGGGTGTCC-3’ 




PCR-genotyping of T-DNA 
insertional allele for acn1-1 
5’-ATTTTGCCGATTTCGGAAC-3’ 
5’-TCGAGGTGCGTATATAATGGC-3’ 




PCR-genotyping of T-DNA 
insertional allele for acn1-2 
5’-TGATCCATGTAGATTTCCCGGACATGAAG-3’ 
5’-ATAGCGTTGAGGACCACAGG-3’ 




PCR-genotyping of T-DNA 
insertional allele for pdc1 
5’-GCGTGGACCGCTTGCTG-3’ 
5’-CGGTGGTGAACAATTTAGATGA-3’ 




PCR-genotyping of T-DNA 
insertional allele for pdc2 
5’-GCCTTTTCAGAAATGGATAAATAGCCTTGCTTCC-3’ 
5’-CATTCGGGTTATCTCTCAAAGG-3’ 




PCR-genotyping of T-DNA 
insertional allele for adh 
5’-ATTTTGCCGATTTCGGAAC-3’ 
5’-TCCCAGAAGTAAACATCGGTG-3’ 




PCR-genotyping of T-DNA 






Table S5. Sequences of the DNA primer pairs used for RT-PCR analysis. 
PCR primer pairs  Primer sequence 
UBQ10 (At4g05320) mRNA fragment 5’-AGACCATCACCCTTGAAGTGGA-3’ 5’-TAGAAACCACCACGAAGACGCA-3’ 
ACS (At5g36880) mRNA fragment 5’-CTGAAGTAGAATCTGCTCTGGT-3’ 5’-ACACCTTCCAGAAGAGTGAC-3’ 
ACN1 (AT3G16910) mRNA fragment 5’-TATACTGGCATGGAGCAGCTTG-3’ 5’-TGTCTCTTTGTTCGCTTCCGGA-3’ 
 
Table S6. Gas chromatography-mass spectrometry (GC-MS) fragments of tert-
butyldimethylsilyl (TBDMS)-derivatized amino acids and organic acids. a. Backbone carbon 
atoms stand for the number of carbon atoms that can be labeled in the metabolites. 




carbon atoms a 
Alanine 6.1 232 M-85 2-3 
Glycine 6.3 246 M-57 1-2 
Valine 7.4 288 M-57 1-2-3-4-5 
Leucine 7.9 302 M-57 1-2-3-4-5-6 
Isoleucine 8.2 302 M-57 1-2-3-4-5-6 
GABA 8.5 274 M-57 1-2-3-4 
Succinate 8.5 289 M-57 1-2-3-4 
Proline 8.6 258 M-85 2-3-4-5 
Fumarate 8.8 287 M-57 1-2-3-4 
Methionine 10.7 320 M-57 1-2-3-4-5 
Serine 10.9 390 M-57 1-2-3 
Threonine 11.2 404 M-57 1-2-3-4 
Phenylalanine 11.8 234 M-159 2-3-4-5-6-7-8-9 
Malate 12.0 419 M-57 1-2-3-4 
Aspartate 12.4 418 M-57 1-2-3-4 
Glutamate 13.4 432 M-57 1-2-3-4-5 
Ornithine 13.5 474 M 1-2-3-4-5 
Asparagine 13.7 417 M-57 1-2-3-4 
Lysine 14.3 431 M-57 1-2-3-4-5-6 
Glutamine 14.7 473 M-15 1-2-3-4-5 
Histidine 16.0 440 M-57 1-2-3-4-5-6 
Citrate 16.2 459 M-57 1-2-3-4-5-6 
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Abstract 
Acyl carrier protein (ACP) is a highly conserved protein cofactor that is required by 
Type II fatty acid synthases (FAS). In this study we demonstrate that the Arabidopsis 
mitochondrially localized Type II FAS can utilize up to three mitochondrial ACP (mtACP) 
proteins. The physiological importance of the three mtACPs was evaluated by characterizing 
T-DNA-insertional mutant alleles that fail to express individually or in combination up to 
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three mtACPs. Any singular mutation at the mtACP1 (At2g44620), mtACP2 (At1g65290) 
or mtACP3 (At5g47630) loci show no discernible morphological growth phenotype, 
suggesting the functional redundancy among the three mtACPs. Characterization of all 
double mutant combinations revealed that the mtacp1 mtacp2 double mutant is viable but 
displays the most extreme phenotypes, including delayed growth, reduced levels of post-
translationally lipoylated mitochondrial proteins, accumulation of photorespiratory glycine, 
and reduced accumulation of many intermediates in sugar, amino acid, and fatty acid 
metabolism. These alterations are partially reversed when these double mutant plants are 
grown in a non-photorespiratory condition (i.e., 1% CO2 atmosphere) or in the presence of 
2% sucrose. While no observable growth defect was observed in the mtacp1 mtacp3 and 
mtacp2 mtacp3 double mutant combinations, the simultaneous loss of all three mtACP genes 
is associated with an embryo-lethal phenotype. Our data demonstrate complex redundancies 
among the mtACPs, which not only function as the key component of the mitochondrial fatty 
acid biosynthesis in supporting the lipoic acid precursor required for the mitochondrial 
protein lipoylation, but also contribute to non-photorespiratory process that is crucial for 
embryogenesis and postgerminative growth. 
 
Introduction 
At least three enzyme systems, each localized in distinct subcellular compartments, 
generate fatty acids in plants. The majority of these fatty acids are used as building blocks for 
cellular lipids (e.g., glycerolipids of membranes and triacylglycerol in seeds) and these are 
primarily produced by a plastid-localized Type II fatty acid synthase (ptFAS), which 
produces primarily acyl-chains of 16-18 carbon atoms (Ohlrogge and Browse, 1995). These 
fatty acids can be further elongated by the endoplasmic reticulum-localized fatty acid 
80 
elongase (FAE) system to generate the very-long-chain fatty acids (i.e., acyl-chains longer 
than 18 carbon atoms), which can be incorporated into epicuticular waxes and sphingolipids 
(Samuels et al., 2008; Markham et al., 2011). Mitochondrially-localized Type II fatty acid 
synthase system (mtFAS) appears to primarily contribute the fatty acid precursor of lipoic 
acid, an essential cofactor of a number of key enzymes in metabolism (Wada et al., 1997; 
Guan et al., 2015; Guan and Nikolau, 2016; Guan et al., 2017). 
Both ptFAS and mtFAS systems utilize acyl carrier protein (ACP) as a cofactor 
protein that shuttles acyl intermediates between active sites of the catalytic partners (White et 
al., 2005). The ACP-dependent function cannot be accomplished without converting the 
inactive apo form into the active holo form, via the post-translational 
phosphopantetheinylation of a conserved serine residue (Mofid et al., 2002). The terminal 
thiol of the ACP-carried phosphopantetheine arm covalently binds to the acyl intermediates 
via a high-energy thioester bond (Lambalot et al., 1996). 
Prior characterizations of the Arabidopsis mtFAS system have identified some of the 
individual enzymatic components, including the phosphopantetheinyl transferase (mtPPT; 
Guan et al., 2015), malonyl-CoA synthetase (mtMCS; Guan and Nikolau, 2016), β-ketoacyl-
ACP synthase (mtKAS; Ewald et al., 2007), and 3-hydroxyacyl-ACP dehydratase (mtHD; 
Guan et al., 2017), and these studies have established the essential role of mtFAS in plant 
growth and development. However, the genetic machinery that encodes the mitochondrial 
ACP components (mtACP) has not been elucidated. 
ACP was initially isolated from plant and bacterial sources in the 1960s (Simoni et 
al., 1966).  Subsequent characterization identified multiple ACP isoforms in plastids (Guerra 
et al, 1982; Ohlrogge and Kuo, 1985) and mitochondria (Chuman and Brody, 1989; Shintani 
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and Ohlrogge, 1994). In Arabidopsis eight gene loci encode for ACP, five of which are 
plastid isoforms (ptACP), and three appear to be mitochondrial isoforms (mtACP) 
(Mekhedov et al., 2000). The plastid isoforms show distinct patterns of expression in 
response to developmental and environmental cues. Specifically, ptACP1 (At3g05020) , 
ptACP2 (At1g54580), and ptACP3 (At1g54630) proteins are constitutively expressed in 
leaves, roots, and seeds (Hloušek-Radojčić et al., 1992), whereas ptACP4 (At4g25050) is 
predominantly expressed in leaves and is induced upon illumination of the plant 
(Bonaventure and Ohlrogge, 2002), and ptACP5 (At5g27200) is preferentially expressed in 
roots and down-regulated by salt stress (Huang et al., 2007). Mutations in ptACP4 leads to a 
chlorotic phenotype with altered fatty acid composition (Branen et al., 2003; Ajjawi et al., 
2010). In vitro biochemical analyses demonstrated that all three apo-mtACP isoforms can be 
phosphopantetheinylated by mtPPT (Guan et al., 2015). 
Here we characterized the physiological functions of the three mtACPs by a reverse 
genetic strategy. We found that although mutations in individual mtACP genes does not 
affect growth or development of the plants, the simultaneous mutations in all three mtACP 
genes is associated with embryonic lethality. The analysis of different combinations of 
mtACP double mutants uncovers complex functional redundancies among the three mtACPs, 
which reveals the dependence of the mtFAS system on mtACP isoforms. 
 
Results 
Phylogenetic Analysis of Plant mtACP Homologs 
Multiple sequence alignment of the Arabidopsis ptACP and mtACP amino acid 
sequences reveals the common DSLD-motif feature, which contains the serine residue that is 
phosphopantetheinylated to form holo-ACPs (Figure S1). The three Arabidopsis mtACP 
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isoforms share between 40% and 54% sequence identity, but considerably lower sequence 
similarity (33%–42%) with the 5 ptACPs (Table S1). Figure 1 shows the wider phylogenetic 
context of the Arabidopsis ACPs in relation to mtACPs from other plant sources (Table S1). 
These analyses reveal that the ptACPs segregate in a distinct clade separate from the 
mtACPs, and the three Arabidopsis mtACPs fall into three distinct clades, each of which 
contain ACPs from distinct plant families. Thus, the sequences that are in the mtACP1-, 
mtACP2- , and mtACP3-containg clades share higher sequence similarities (56–98% for 
mtACP1 homologs, 58–99% for mtACP2 homologs, and 47–97% for mtACP3 homologs) 
than between the clades (43–60% for mtACP1 vs. mtACP2 homologs, 31–46% for mtACP1 
vs. mtACP3 homologs, 32–45% for mtACP2 vs. mtACP3 homologs). Each major clade that 
is defined by mtACP1, mtACP2, or mtACP3 contains examples from all plant taxa 
examined, and hence we conclude that the emergence of the 3 mtACP homologs has a deep 
evolutionary history, predating the split between eudicots and monocots. 
Subcellular Localization of the Three mtACP Gene Products 
The in silico predictions of the subcellular localization of the three mtACPs suggested 
that they are likely to be localized in mitochondria (Table S2). To experimentally determine 
the subcellular localization of these proteins, the ORF encoding mtACP1, mtACP2, and 
mtACP3 were fused to the ORF encoding the green fluorescent protein (GFP), and these 
transgenes were expressed in planta under the transcriptional control of the Cauliflower 
Mosaic Virus 35S promoter. Figure 2 shows confocal micrographs of the roots of these 
transgenic plants as compared to control plants. The GFP-fluorescence from all three 
mtACP-fusions co-localizes with the mitochondrial marker, MitoTracker. In contrast, no 
GFP fluorescence signal is detected in the non-transgenic wild-type control plants, and the 
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GFP fluorescence signal from the p35S::GFP control plant accumulates in the cytosol. These 
analyses, therefore, confirm the mitochondrial localization of the mtACP1, mtACP2, and 
mtACP3 proteins. 
Expression Profiles of mtacp Genes in Different Arabidopsis Tissues  
The spatial and temporal expression patterns of the three mtACP genes were 
characterized using mRNA extracted from several tissues of wild-type plants. Quantitative 
RT-PCR analysis shows that in all tissues examined, the mtACP1 and mtACP2 transcripts are 
10- to 50-fold higher levels than mtACP3 (Figure 3). The lower levels of mtACP3 mRNA is 
consistent with the fact that only mtACP1 and mtACP2 proteins have been detected in a prior 
proteomic study (Meyer et al., 2007). While the expression levels of mtACP1 and mtACP3 
do not vary among the tissues examined, the expression of mtACP2 shows about a 3-fold 
variation among the tissues, with highest levels in flowers and lowest levels in young 
seedling leaves. These expression patterns of mtACPs are consistent with public microarray 
and RNAseq data (Figure S2; Hruz et al., 2008), and are similar to the expression patterns of 
characterization of other mtFAS components, such as mtPPT (Guan et al., 2015), mtKAS, and 
mtHD (Guan et al., 2017). 
Characterization of the in Planta Functions of mtACP Isoforms 
The physiological roles of the three mtACP isoforms were examined by 
characterizing T‐DNA-tagged mutant alleles (i.e., mtacp1, mtacp2, and mtacp3). RT-PCR 
analysis of RNA isolated from the plants that are in the homozygous mutant state confirmed 
that each mutant allele is a null allele (Figure S3). Moreover, in each mutant, there appears to 
be no compensatory change in the expression of the other two mtACP genes that are in the 
wild-type state (Figure S3). Loss of any single mtACP isoform in the mtacp1, mtacp2, and 
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mtacp3 alleles does not cause any observable alteration in the morphological appearance or 
biomass of the resulting plants (Figure 4, Figure S4), indicating functional redundancy 
among the three isoforms. 
The potential genetic redundancy among the mtACP isoforms were explored by 
characterizing different combinations of homozygous double mutant plants (i.e., mtacp1 
mtacp2, mtacp1 mtacp3, and mtacp2 mtacp3). In contrast to the mtacp1 mtacp3 and mtacp2 
mtacp3 double mutants, which display a normal morphological phenotype, the mtacp1 
mtacp2 double mutant exhibits a significant impairment in vegetative and reproductive 
growth (Figure 4, Figure S4). Specifically, the mtacp1 mtacp2 double mutants have only 
developed 2 rosette leaves by 16-days after imbibition, whereas wild-type plants have 
emerged 6 rosette leaves by this stage. Additionally, have not bolted by 40-days after 
imbibition, whereas wild-type plants have bolted and produced siliques by this time. Despite 
growing slower than the wild-type plants, the mtacp1 mtacp2 double mutants eventually 
reach full maturity and produce viable seeds. These morphological delays in the development 
of mtacp1 mtacp2 double mutants maybe due to the fact that the amount of mtACP protein 
become limiting, as the expression of the mtACP3 gene is 10-to 50-fold lower that of 
mtACP1 and mtACP2. This potential causality was confirmed by the over-expression of the 
mtACP2-GFP transgene in this double mutant, which completely restored the growth of the 
mtacp1 mtacp2 mutant to wild-type morphology (Figure S5).  
Because all mtacp single and double mutants are viable, we tested whether combining 
mutations at all three mtACP loci is also viable. Genotyping of 98 progeny obtained from 
selfing plants that are heterozygous-mutant at all three mtACP genes (i.e. parents with the 
genotype mtACP1/mtacp1 mtACP2/mtacp2 mtACP3/mtacp3), we were unable to find a 
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homozygous triple mutant; this is despite the fact that we readily recovered plants that were 
homozygous mutant at two loci, but heterozygous mutant at the third mtACP locus. 
Specifically, we were able to recover plants with the following three genotypes: a) 
mtacp1/mtacp1 mtacp2/mtacp2 mtACP3/mtacp3; b) mtacp1/mtacp1 mtACP2/mtacp2 
mtacp3/mtacp3; and c) mtACP1/mtacp1 mtacp2/mtacp2 mtacp3/mtacp3. 
Of these three recovered genotypes, only the mtacp1/mtacp1 mtacp2/mtacp2 
mtACP3/mtacp3 mutant revealed a slow growth phenotype that is similar to the mtacp1 
mtacp2 double mutant, and no observable growth defect was detected in the other two 
recovered genotypes (Figure S6). The fact that only one wild-type allele of mtACP1 or 
mtACP2 is able to support the normal growth of these plants reinforces the conclusion that 
these two genes are functionally more significant in supporting plant growth and 
development than mtACP3. 
Moreover, the resulting germplasm enabled the more direct evaluation of the absence 
of mtACP by selfing one of the above lines (Figure 5). Because the mtacp1/mtacp1 
mtacp2/mtacp2 mtACP3/mtacp3 mutation causes a growth delay and generates less seeds, we 
focused these experiments on following the segregation ratio in the progeny families 
generated by selfing either mtacp1/mtacp1 mtACP2/mtacp2 mtacp3/mtacp3 or 
mtACP1/mtacp1 mtacp2/mtacp2 mtacp3/mtacp3 parents. In the siliques of these plants, about 
25% seeds were aborted during development, which is consistent with the expected 3:1 
Mendelian segregation ratio for a recessive essential gene (p-values of the χ² tests are 0.93 
and 0.6, respectively). Genotyping the segregating progeny from these parents established 
that out of 240 plants that were screened no homozygous triple mutants were recovered. 
Taken together, we deduce therefore that the homozygous triple mutant is embryo-lethal, 
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implicating the essential role of mtACP during plant embryogenesis. This is consistent with 
the embryo-lethal phenotype that is associated with the mtppt mutation that is incapable of 
activating apo-mtACP isoform (Guan et al., 2015). 
Altered Protein Lipoylation Status in the mtacp1 mtacp2 Mutant 
Because of the embryo-lethal phenotype associated with the homozygous triple 
mutant, we used the mtacp1 mtacp2 double mutant to examine the physiological roles of 
mtACPs after embryogenesis. The mtFAS system provides the fatty acid precursor for lipoic 
acid biosynthesis (Ewald et al., 2007), and therefore we evaluated the protein lipoylation 
status of different enzymes in the mtacp1 mtacp2 mutant lines. SDS-PAGE analysis of these 
extracts indicated that the expressed proteomes of the mtacp1 mtacp2 double mutant plants 
are indistinguishable from the wild-type controls (Figure 6a).  However, western blot 
analysis with anti-lipoic acid antibodies of these protein extracts revealed that the lipoylation 
status of the H subunit of GDC, and the E2 subunits of mitochondrial PDH and KGDH in the 
mtacp1 mtacp2 double mutant plants are reduced to 10-35% of the wild-type levels (Figure 
6b). Despite the dramatically reduced lipoylation status of H subunit of GDC, immunological 
detection with anti-H protein antibodies show that the accumulation of the H protein itself is 
unchanged from the wild-type levels. These results link the role of mtACPs with the mtFAS 
system that contributes to the generation of the lipoic acid cofactor for the functionality of 
several mitochondrial enzymes (i.e., GDC, PDH and KGDH).  
Metabolomic Alterations in the mtacp1 mtacp2 Mutant 
More detailed insights into the growth phenotype of the mtacp1 mtacp2 double 
mutant were gained by metabolomic profiling. Using GC-MS, we compared the metabolome 
of 16-d-old mutant and wild-type seedlings grown in ambient air. In total, 59 metabolites 
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were identified and quantified, and these metabolites were classified as amino acids and 
amines, sugars, organic acids, and lipids. In the double mutant seedlings, there are 
statistically significant differences in the levels of 43 metabolites as compared to the WT 
(Figure 7b). The most drastic change is a 5-fold increase of glycine (Supplemental Data S1), 
which mirrors the alteration in the lipoylation of H subunit of GDC, which contributes to the 
catabolism of photorespiratory-derived glycine. Seven additional amino acids (i.e., valine, 
serine, proline, asparagine, alanine, glutamine, and ornithine) exhibit 2- to 4-fold increase in 
accumulation. In contrast, the accumulation of another 35 metabolites is decreased to 
between 20% to 75% from WT levels; these included amino acids (i.e., aspartate and 
glutamate), sugars (i.e., glucose, fructose and sucrose), organic acids (i.e., fumarate and 
glycerate) and fatty acids (i.e., 16:1, 16:2, 22:0, 24:0, 26:0, and 28:0). 
Chemical Complementation of the mtacp1 mtacp2 Mutant 
The inhibition of growth and development associated with the mtacp1 mtacp2 double 
mutant can be partially reversed when these plants are grown in an atmosphere containing 
1% CO2, a condition that inhibits photorespiration, or if they are grown in the presence of 2% 
sucrose. Specifically, as compared to growth in ambient conditions, these conditions induced 
the development of 2 and 4 additional rosette leaves by 16-days after imbibition (Figure 7a). 
In parallel, the measured metabolome of these plants became more like wild-type (Figure 
7b); the 1% CO2 atmosphere decreasing the hyperaccumulation of photorespiratory-derived 
glycine levels, and the sucrose supplementation reversing the levels of 80% of the 
metabolites that were altered in the double mutant (Supplemental Data S1 and Figure 7b). 
These data are consistent with the role of mtACP in supporting mtFAS to generate the lipoic 
acid needed to metabolically dispense with photorespiratory-derived intermediates. 
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Discussion 
ACP serves as a metabolic shuttle, iteratively delivering the growing acyl chain 
intermediates between each enzymatic component of FAS machinery. In the Type I FAS 
system, which is primarily present in animals and yeast, ACP exists as a domain within a 
multi-enzyme complex that integrates all the catalytic domains needed for fatty acid 
biosynthesis (Leibundgut et al., 2008). In the Type II FAS system, which occurs in bacteria 
and plants, a discrete soluble ACP is used to tether the fatty acyl intermediates as they are 
shuttled among individual mono-functional enzymes for fatty acid biosynthesis (White et al., 
2005). Plant cells harbor two distinct Type II FAS systems for the de novo biosynthesis of 
fatty acids in plastids and mitochondria (Ohlrogge and Browse, 1995; Wada et al., 1997). 
Thus, this twin subcellular compartmentation of the FAS systems requires two sets of 
constituent enzymes and cofactors in each compartment. While most of the enzymatic 
components in both FAS systems are encoded by a single gene, eight ACP isoforms are 
found in the genome of Arabidopsis, five of which appear to be plastidic and three 
mitochondrial (Mekhedov et al., 2000). The high degree of redundancy of ACPs poses a 
challenge for functional analysis of each individual ACP. Although several studies have 
revealed the tissue-specific expression patterns of ptACPs and their impacts on fatty acid 
composition and adaptation to environmental stimulus (Hloušek-Radojčić et al., 1992; 
Bonaventure and Ohlrogge, 2002; Ajjawi et al., 2010; Huang et al., 2017), the physiological 
relevance of the mtACP isoforms remains poorly understood. 
Recent characterizations of the mtFAS components have suggested the important role 
of mtFAS in plant growth and development, particularly as related to lipoic acid biosynthesis 
(Ewald et al., 2007; Guan and Nikolau, 2016; Guan et al., 2017). In this study, we focus on 
addressing the in planta function(s) of the three mtACP isoforms. A comprehensive 
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assessment of the functional redundancy and physiological importance of the three mtACPs 
was provided by systematic mutant analysis and metabolomic analysis. 
Redundant mtACP Isoforms are Essential for Embryogenesis 
The mitochondrial localization of three mtACPs was demonstrated by the transgenic 
expression of mtACP1, mtACP2, or mtACP3 genes, fused to the GFP-reporter. Further 
genetic analysis established that eliminating the expression of all three mtACPs is not viable, 
indicating the essential role of mtFAS in embryogenesis. In line with this finding, mutation in 
the gene encoding mtPPT leads to an embryo-lethal phenotype (Guan et al., 2015). The 
lethality caused by eliminating the expression of all three mtACPs or mtPPT, which activates 
apo-mtACPs by phosphopantetheinylation indicates that all three apo-mtACP isoforms are 
substrates of mtPPT, and that this is a key process required for embryogenesis. Prior 
biochemical analysis indicated that mtPPT is only capable of phosphopantetheinylating the 
mature apo-mtACP isoforms, without the mitochondrial targeting sequence (Guan et al., 
2015). Collectively therefore, these findings imply that the holo-mtACP is first imported into 
mitochondria before the post-translational phosphopantetheinylation of the specific target Ser 
residue. This contrasts with the phosphopantetheinylation mechanism of the mammalian 
mtACP, which is activated by a cytosolic PPT prior to import into mitochondria (Joshi et al., 
2013). 
The viability of mtacp single and double mutants suggests functional redundancy 
among the three mtACP isoforms. The degree of this redundancy is correlated to the relative 
expression levels of each isoform. For example, the combined elimination of mtACP1 and 
mtACP2, which show the highest expression levels as compared to mtACP3, leads to a 
drastic delay in growth of the resulting seedling. This contrasts with the normal morphology 
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and growth of all single and double mutant combinations expressing both or only one of 
functional mtACP1 and mtACP2. Thus, we conclude that mtACP1 and mtACP2 are fully 
redundant to each other and they have a more prominent role in supporting mtFAS than 
mtACP3.  
Such complex and unequal functional redundancy of among mtACP isoforms does 
not occur in other organisms. For example, only one mtACP isoform is expressed in the 
mitochondria of yeast and human cells (Brody et al., 1997; Feng et al., 2009). In the genome 
of Chlamydomonas reinhardtii, a green microalga, two ACP isoforms have been identified, 
one is associated with plastids and the other with mitochondria (Blatti et al., 2012). Our 
phylogenetic analysis revealed the conservation of three mtACP isoforms in the examined 
monocot and dicot species, suggesting that the development of multiple ACP isoforms is an 
attribute associated with Plantae, and this appears to have occurred during early stages of 
plant evolution (Battey and Ohlrogge, 1990). 
mtACPs contribute to mtFAS and Photorespiration 
The metabolic roles of mtACP were investigated by characterizing the mtacp1 
mtacp2 double mutant, which shows an extremely slow growth phenotype. The primary role 
of mtFAS is to appears to be the generation of the octanoate precursor needed for the 
biosynthesis of lipoic acid (Wada et al., 1997). The double mutants lacking the major mtACP 
isoforms, mtACP1 and mtACP2, show depleted lipoylation mitochondrial enzymes, GDC, 
PDH, and KGDH. A direct metabolic consequence of the under-lipoylation of mitochondrial 
GDC is the accumulation of glycine, which was observed in mtacp1 mtacp2 double mutant 
plants, when they were grown in the ambient air. However, when these plants are grown in 
an elevated CO2 atmosphere, which reduces photorespiratory flux by suppressing the 
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oxygenation reaction of Rubisco, the hyperaccumulation of glycine is reduced to wild-type 
levels. These metabolic alterations resemble those observed in previously characterized 
mtFAS mutants, such as mtppt-rnai (Guan et al., 2015), mthd-rnai and mtkas (Guan et al., 
2017). Therefore, the involvement of mtACP in the mtFAS system in supporting lipoic acid 
biosynthesis appears to be conserved in plants, yeast, and human (Wada et al., 1997; 
Hiltunen et al., 2010). 
Unlike many mtFAS mutants, which express normal growth when grown in an 
elevated CO2 atmosphere, the extremely stunted phenotype of the mtacp1 mtacp2 double 
mutant is only partially rescued by the elevated CO2 atmosphere. This is further authenticated 
by the finding that the metabolome of the mtacp1 mtacp2 double mutant is not reversed to 
the wild-type state when these plants are grown in the elevated CO2 atmosphere. On the one 
hand, one cannot exclude the possibility that these metabolic changes may be associated with 
the decreased lipoylation status of mitochondrial PDH and KGDH, which would generate 
photorespiration-independent metabolic alterations. On the other hand, the metabolic changes 
associated with the mtacp1 mtacp2 double mutant were not observed in previously 
characterized mtFAS mutants, suggesting that the depletion of mtACPs has a profound 
impact on the metabolic processes that are independent of mtFAS function, and these latter 
non-mtFAS associated functions are the essential role of mtACP during embryogenesis. 
Previous studies with other eukaryotic organisms have demonstrated that mtACPs are 
connected to cellular processes that are beyond mitochondrial fatty acid metabolism. For 
example, in mammalian and yeast cells, mtACP is involved in maintaining integrity of 
several mitochondrial complexes, including respiratory complexes and the biosynthesis of 
Fe–S cluster complexes (Van Vranken et al., 2016; Majmudar et al., 2019). In another 
92 
example, the acylated form of mtACP1 has been reported to be associated with the 
mitochondrial membrane of Arabidopsis (Shintani and Ohlrogge, 1994), whereas another 
study found that this protein is present in the mitochondrial matrix (Meyer et al., 2007).  
In summary, we have demonstrated that the localization of three mtACP isoforms in 
mitochondria is consistent with their roles as components of the mtFAS machinery and 
identified that mtACP1 and mtACP2 are the predominant isoforms that support this 
metabolic functionality. Our results suggest that in addition to their roles in mtFAS, the 
mtACP isoforms maybe involved in other independent processes which appear to be required 
for normal plant growth and development. 
 
Materials and Methods 
Phylogenetic Analysis 
Identification of mtACP protein sequences in different plant species was performed 
by searching the National Center for Biotechnology Information (NCBI) database using 
Arabidopsis mtACP1 encoded by At2g44620, mtACP2 encoded by At1g65290, and mtACP3 
encoded by At5g47630 as queries. The amino acid sequences and their accession numbers 
are listed in Tables S1. The phylogenetic tree of plant mtACP homologs was constructed 
using the maximum likelihood method in MEGA7 (Kumar et al., 2016) and visualized using 
iTOL (Letunic and Bork, 2016). A bootstrapping method with 1000 replicates were used to 
test the reliability of the tree. 
Plant Materials and Genetic Transformations 
Seed stocks of the Arabidopsis T-DNA insertional mutant lines were obtained from 
Arabidopsis Biological Resource Center (http://abrc.osu.edu/): SAIL_912_B05 for mtACP1, 
SALK_073185 for mtACP2, and SALK_127678 for mtACP3. All mutant alleles are in the 
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same wild-type background (ecotype Col-0). Homozygous mtacp1, mtacp2 and mtacp3 
mutant alleles were identified by PCR-genotyping. The precise T-DNA insertion positions in 
each allele of the mtACP genes were verified by sequencing (Figure S3). The double mutant 
and triple mutant stocks were generated by crosses between three single mutant alleles. 
For the GFP experiments, the open reading frame (ORF) encoding mtACP1, mtACP2 
and mtACP3 were cloned into pENTR/D-TOPO vector (Invitrogen, Carlsbad, CA) and 
subcloned into pEarleyGate103 (Earley et al., 2006) using Gateway LR Clonase II Enzyme 
Mix (Invitrogen, Carlsbad, CA). The resulting vectors carrying the p35S::mtACP1-GFP, 
p35S::mtACP2-GFP, and p35S::mtACP3-GFP were used to transform Arabidopsis Col-0 
wild-type plants as previously described (Clough and Bent, 1998). For the genetic 
complementation experiment, p35S::mtACP2-GFP was used to transform the mtacp1 mtacp2 
double mutant plants. Primer sequences used for cloning are listed in Table S3. 
For plate-grown plants, seeds were sterilized and placed on half strength Murashige 
and Skoog (MS) growth medium supplemented with a vitamin mixture (Sigma-Aldrich, St. 
Louis, MO). In the sucrose feeding experiments, the agar medium was supplemented 2% 
sucrose and was adjusted to pH 5.7 with 0.1 N KOH before adding 1.5% (w/v) agar. Seeds 
were stratified for 2 days at 4 °C in dark and transferred to a continuous illuminated growth 
chamber (100 μmol m−2 s−1) at 22 °C and 60% relative humidity. The plates were transferred 
into growth chambers flushed with ambient air or 1% CO2. For soil-grown plants, seedlings 
were grown on plate for 10 days before being transferred into potting mix. 
Confocal Microscopy Analysis 
Confocal microscopy was conducted on wild-type control plants and the T3 
generation of transgenic plants expressing the GFP-tagged proteins. Root tissues from 7-d-
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old seedling plants were randomly collected and stained with 200 nM MitoTracker Orange 
(Invitrogen) for 15 min as described previously (Guan et al., 2015). After staining, roots were 
washed in a half-strength MS solution for 15 min and visualized with a Leica SP5 X confocal 
microscope system (Leica Microsystems, http://www.leica-microsystems.com/). The laser 
wavelengths were set as follows: an emission band of 500 to 535 nm for GFP (excitation 489 
nm), an emission band of 560 to 600 nm for MitoTracker Orange (excitation 543 nm). 
RNA Extraction and Quantitative RT-PCR Analysis 
Total RNA was extracted from 100 mg of different Arabidopsis tissues using TriZol 
(Invitrogen, Carlsbad, CA) according to the manufacturer’s instructions. Contaminating 
DNA was removed by using a TURBO DNA-free kit (Invitrogen, Carlsbad, CA). RNA 
concentration was determined with a NanoDrop ND1000 Spectrophotometer (Thermo Fisher 
Scientific, Waltham, MA). cDNA synthesis was performed using the cDNA EcoDry Premix-
Double Primed Kit (Clontech, Mountain View, CA) using 5 µg of RNA as the template. 
Quantitative RT-PCR was performed using the StepOnePlus detection system (Applied 
Biosystems, Foster City, CA) and PowerUp SYBR Green Master Mix (Applied Biosystems, 
Foster City, CA). Ubiqutin 10 (At4g05320) was used as the reference gene for relative 
quantification. Primer sequences are listed in Table S3. 
Protein Extraction and Immunoblotting 
Total protein was extracted from 0.1 g leaves from 16-day-old seedlings as described 
previously (Che et al., 2002). The extracted proteins were separated on 12.5% SDS-PAGE, 
then transferred onto nitrocellulose membranes. Western blot analysis was performed with 
anti-lipoic acid antibodies or with anti-H protein antibodies as described previously (Ewald et 
al., 2007; Guan et al., 2017). 
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Metabolomic Profiling 
Polar metabolites were extracted from 3 mg lyophilized tissues and trimethylsilyl 
(TMS) derivatized as described previously (McVey et al., 2018). Fatty acids were extracted 
and transmethylated from 3 mg of dry tissues as described previously (Lu et al., 2008). The 
derivatized samples were analyzed using an Agilent 7890 GC-MS system equipped with 
Agilent HP-5 ms column. The peak area of each metabolite was normalized to the peak area 
of an internal standard (norleucine for polar metabolites and nonadecanoic acid for fatty 
acids) and sample dry weight. The averages from 5-6 biological replicates were used to 
determine the fold-changes between the mutant line and the WT. An FDR-adjusted Student's 
t-test (Benjamini and Hochberg, 1995) was used to identify metabolites that were 
significantly changed in the mutant relative to the WT. 
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Figure 1. Phylogenetic analysis of mtACPs. Plant mtACP homologous protein sequences 
were aligned using the ClustalW program and depicted as a rooted phylogenetic tree using 
the Maximum Likelihood method in MEGA7. The protein sequences of Arabidopsis plastidic 
ACPs were chosen as outgroups (shaded in green). The numbers at each node represents the 




Figure 2.  Subcellular localization of the Arabidopsis mtACP1, mtACP2, and mtACP3. 
Images were obtained from control, WT non-transgenic lines (row 1); transgenic lines 
carrying the p35S::mtACP1-GFP (row 2); transgenic lines carrying the p35S::mtACP2-GFP 
(row 3); transgenic lines carrying the p35S::mtACP3-GFP (row 4), and the control transgenic 
lines carrying the p35S::GFP (row 5). GFP (column 1) and MitoTracker (column 2) signals 
from roots were monitored by confocal laser scanning microscopy. The resulting images 




































Figure 3. Expression profile of the mtACP in different Arabidopsis tissues. Expression of 
mtACP1 (black), mtACP2 (grey), and mtACP3 (blue) mRNAs in different tissues of wild-
type Arabidopsis plants, quantified by quantitative RT-PCR. The expression levels were 





Figure 4. Morphological phenotypes of mtacp single and double mutants. Images of plants at 




Figure 5. Seed development phenotypes of mtacp mutants that are the selfed progeny of the 
indicated genotypes. One side of the ovary wall was removed from the fully elongated, fresh 






Figure 6. Protein lipoylation status in mtacp1 mtacp2 double mutant plants. (a) Coomassie 
Brilliant Blue-stained SDS-PAGE analysis of protein extracts prepared from leaves of the 
indicated genotypes. M, protein marker. (b) Western blot analysis using anti H-protein 
antibodies to identify the H protein subunit of GDC, E2a and E2b subunits of PDC, and E2b 
subunit of KGDH. The accumulation of the H protein subunit was determined in parallel 





Figure 7. Morphological and metabolic phenotypes of the mtacp1 mtacp2 double mutant at 
16 days post imbibition. (a) Morphological phenotypes of WT and mutant seedlings grown in 
ambient air, 1% CO2 atmosphere, or 2% sucrose-containing media. (b) Alterations in the 
metabolome of mtacp1 mtacp2 double mutants as compared to the WT grown either in 
ambient atmosphere, in an atmosphere containing 1% CO2, or on media containing 2% 
sucrose.  The x-axes represent the log-2 fold change of the relative abundance of each 
metabolite in the double mutant versus the wild-type. Colored points above the horizontal 
dashed grey lines indicate statistically significant (p-value < 0.05, n = 5; False Discovery 
Rate) changes in metabolite levels. The data points in each plot represent 59 metabolites that 
were chemical identified (provided in Supplemental Data S1); these include amino acids (red 







Figure S1. Comparison of the amino acid sequences of the eight acyl carrier protein (ACP) 
isoforms encoded by the Arabidopsis genome. The protein sequences of three mitochondrial 
isoforms (mtACP1-3) and five plastidic isoforms (ptACP1-5) were aligned using ClustalW 
and shaded using BoxShade program (http://www.ch.embnet.org/software/BOX_form.html). 
Identical and conserved residues were shaded in black and grey, respectively. The highly 







Figure S2. Relative expression levels of the mtACP mRNAs at different developmental 
stages. Data were extracted from microarray (a) and RNAseq experiments (b) of the 





Figure S3. Characterization of mtacp1, mtacp2, and mtacp3 T-DNA-tagged mutants. (a) 
Gene structures of the T-DNA-tagged mutant alleles of the Arabidopsis mtACP1, mtACP2, 
and mtACP3 (grey: untranslated regions, black: exons, white: introns). Position of each T-
DNA insertion site is indicated with an inverted triangle. The mtacp1 allele contains an 
insertion in the first exon; the mtacp2 and mtacp3 alleles both contain an insertion in the first 
intron. The numbered arrows (P1 to P8) indicate the location of the primers used for PCR-
genotyping (sequences listed in Table S3). (b) RT-PCR analysis of the expression of 
mtACP1, mtACP2, and mtACP3 mRNAs in wild-type (WT), mtacp1, mtacp2, and mtacp3 
homozygous mutant plants. Ubiquitin 10 (UBQ10) mRNA was used as a control. (c) PCR-
genotyping results of mtacp single, double, and triple mutants. Primer pairs for genotyping 
are shown on the left of each panel. Lane 1, wild-type; lane 2, mtacp1; lane 3, mtacp2; lane 
4, mtacp3; lane 5, mtacp1 mtacp2; lane 6, mtacp1 mtacp3; lane 7, mtacp2 mtacp3; lane 8, 






Figure S4. Plant biomass produced by mtacp single and double mutant seedlings at 16 days 
post imbibition. Each bar presents the average from 6 replicates, each replicate being a batch 
of 10 seedlings, and error bars is the SD. An asterisk marks the difference between the 







Figure S5. Transgenic complementation of the mtacp1 mtacp2 homozygous mutant by the 









Figure S6. Morphological phenotypes of mtacp mutants, homozygous at two mtACP loci and 
heterozygous mutant at the 3rd mtACP locus. Images of plants at 16 days (row 1) and 40 days 


















Table S1. List of accession numbers of plant ACP homologs used to generate the 
phylogenetic tree shown in Figure 1. The shared sequence identity between each Arabidopsis 
mtACP homolog as percent identity.  
 
         Species Accession number 
Sequence identity (%) 
mtACP1 mtACP2 mtACP3 
Arabidopsis lyrata XP_002880126.1 98 55 42 
Arabidopsis lyrata XP_002888334.1 55 95 39 
Arabidopsis lyrata XP_002865111.2 43 40 96 
Arabidopsis thaliana NP_181990.1 100 54 41 
Arabidopsis thaliana NP_176708.1 54 100 40 
Arabidopsis thaliana NP_199574.1 41 40 100 
Arabidopsis thaliana NP_187153.1 40 38 36 
Arabidopsis thaliana NP_175860.1 43 37 32 
Arabidopsis thaliana NP_564663.1 43 41 42 
Arabidopsis thaliana NP_194235.1 35 33 42 
Arabidopsis thaliana NP_198072.1 39 40 35 
Capsella rubella XP_006295245.1 94 54 42 
Capsella rubella XP_006302994.1 54 94 38 
Capsella rubella XP_006281318.1 38 37 82 
Capsicum annuum XP_016544268.1 72 45 37 
Capsicum annuum XP_016571923.1 53 76 39 
Capsicum annuum XP_016552035.1 40 48 53 
Citrus sinensis XP_006464379.1 73 54 37 
Citrus sinensis XP_006480468.1 52 78 38 
Citrus sinensis XP_006467275.1 39 51 50 
Citrus sinensis XP_006467276.1 39 51 50 
Coffea arabica XP_027106630.1 76 55 40 
Coffea arabica XP_027113456.1 78 53 41 
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Table S1 Continued 
         Species Accession number 
Sequence identity (%) 
mtACP1 mtACP2 mtACP3 
Coffea arabica XP_027085698.1 55 77 39 
Coffea arabica XP_027086184.1 40 42 48 
Coffea arabica XP_027086187.1 40 42 48 
Cucurbita maxima XP_022980444.1 71 52 33 
Cucurbita maxima XP_022988425.1 55 76 41 
Cucurbita maxima XP_023001631.1 40 40 56 
Daucus carota XP_017215751.1 76 52 41 
Daucus carota XP_017246078.1 76 52 43 
Daucus carota XP_017232091.1 55 77 38 
Daucus carota XP_017223955.1 40 36 52 
Dichanthelium oligosanthes OEL34162.1 63 63 43 
Dichanthelium oligosanthes  OEL35511.1 51 79 44 
Dichanthelium oligosanthes  OEL29732.1 38 36 49 
Eutrema salsugineum XP_006397643.1 88 52 41 
Eutrema salsugineum XP_006391566.1 55 79 38 
Eutrema salsugineum XP_024011039.1 40 38 80 
Lactuca sativa XP_023750346.1 73 49 39 
Lactuca sativa XP_023754557.1 54 75 38 
Lactuca sativa XP_023756936.1 44 41 54 
Malus domestica XP_008369809.1 67 55 33 
Malus domestica XP_008370844.1 53 73 37 
Malus domestica XP_008345753.1 53 73 37 
Malus domestica XP_008388819.1 53 72 37 
Malus domestica XP_008384180.1 42 41 60 
Medicago truncatula XP_003624234.1 75 53 39 
Medicago truncatula XP_003624206.1 53 71 38 
Medicago truncatula XP_024638554.1 50 52 57 
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Table S1 Continued 
         Species Accession number 
Sequence identity (%) 
mtACP1 mtACP2 mtACP3 
Momordica charantia XP_022146921.1 70 56 35 
Momordica charantia XP_022157065.1 54 75 39 
Momordica charantia XP_022142516.1 41 52 54 
Oryza sativa XP_015646771.1 62 48 34 
Oryza sativa XP_015638103.1 52 76 35 
Oryza sativa XP_015632459.1 35 50 45 
Populus trichocarpa XP_002301222.2 75 54 38 
Populus trichocarpa XP_006375098.2 73 54 37 
Populus trichocarpa XP_002319260.2 55 73 38 
Populus trichocarpa XP_002325910.1 55 76 39 
Populus trichocarpa XP_002308763.1 41 47 59 
Populus trichocarpa XP_002323122.1 41 52 57 
Prunus persica XP_007218603.1 69 55 37 
Prunus persica XP_007206137.1 55 75 39 
Prunus persica XP_007212228.1 42 51 56 
Ricinus communis XP_002526503.1 72 49 36 
Ricinus communis XP_002514816.1 55 81 40 
Ricinus communis XP_025013804.1 43 54 57 
Setaria italica XP_004955818.1 67 49 47 
Setaria italica XP_004962266.1 62 79 43 
Setaria italica XP_004984357.1 55 72 43 
Setaria italica RCV41955.1 40 37 50 
Solanum lycopersicum XP_004229707.1 70 48 37 
Solanum lycopersicum XP_004236631.1 50 76 38 
Solanum lycopersicum XP_004239655.1 54 73 36 
Solanum lycopersicum XP_004250261.1 40 39 53 
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Table S1 Continued 
         Species Accession number 
Sequence identity (%) 
mtACP1 mtACP2 mtACP3 
Sorghum bicolor XP_002459553.1 66 50 47 
Sorghum bicolor XP_002441007.1 53 80 46 
Sorghum bicolor XP_002465269.1 57 73 37 
Sorghum bicolor XP_002464271.2 36 40 50 
  
Table S2. In silico predictions of the subcellular localization of mtACP1, mtACP2, and 
mtACP3 
a. TargetP (http://www.cbs.dtu.dk/services/TargetP/) 
Name cTP mTP SP other Prediction 
mtACP1 0.043 0.894 0.041 0.039 Mitochondria 
mtACP2 0.158  0.785  0.021  0.043 Mitochondria 
mtACP3 0.052   0.761   0.063   0.091 Mitochondria 
cTP, chloroplast transit peptide; mTP, mitochondrial targeting peptide; SP, secretory 
pathway signal peptide  
b. PredSL (http://bioinformatics.biol.uoa.gr/PredSL/) 
Name cTP mTP SP Prediction 
mtACP1 0.002308 0.999203 0.000156 mitochondria 
mtACP2 0.00164 0.999268 0.000213 mitochondria 
mtACP3 0.002242 0.996228 0.000204 mitochondria 
 
c. Predotar (http://urgi.versailles.inra.fr/predotar/) 
 
Name Mitochondrial Plastid ER Elsewhere Prediction 
mtACP1 0.86 0.00 0.04 0.13 Mitochondria 
mtACP2 0.69 0.00 0.03 0.31 Mitochondria 









PCR primers  Sequences 
Cloning of mtACP1 
5’-CACCATGGCACTGAGAAATG-3’ 
5’-GCTAGACATTGGATGATTGTAAACG-3’ 
Cloning of mtACP2 
5’-CACCATGGCGGCGAGAG-3’ 
5’-CTTAGCCTGAGGATGAGAAGCAAT-3’ 
Cloning of mtACP3 
5’-CACCATGCATTGCATTAGGAG-3’ 
5’-CACCATGCATTGCATTAGGAG-3’ 















Genotyping P1 5’-TCAAAATCAATCAAACCCTGG-3’ 
Genotyping P2 5’-GCCTTTTCAGAAATGGATAAATAGCCTTGCTTCC-3’ 
Genotyping P3 5’-AAGCCATCAACAAAAATAACCC-3’ 
Genotyping P4 5’-TGACAAAGCCCAAGCGTTAGAG-3’ 
Genotyping P5 5’-ATTTTGCCGATTTCGGAAC-3’ 
Genotyping P6 5’-CTTCCACACTGTCCAAACTGTC-3’ 
Genotyping P7 5’-ACTCGTAAAGTCGCAGGTATGG-3’ 
Genotyping P8 5’-CCTCTACCAATGGTTTCCGTGT-3’ 
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CHAPTER 4.    GENERAL CONCLUSION 
This dissertation presents detailed analyses of the physiological roles of two 
compartment-specific acetate-activating enzymes and three mitochondrial acyl carrier protein 
(mtACP) isoforms in plants by systematic mutant analysis. In the case of acetate-activating 
enzymes, plants with the simultaneous loss of both the plastidic acetyl-CoA synthetase (ACS) 
and peroxisomal acetate non-utilizing 1 (ACN1) genes have a pleiotropic phenotype 
associated with delayed growth and infertility. In the case of mtACP, the simultaneous loss 
of all three mtACP genes is associated with embryonic lethality. These characterizations 
highlight the essential roles of these compartmentalized enzymes or cofactors in plant growth 
and metabolism. Common to both studies, the single-mutant lines do not exhibit apparent 
phenotypic differences when compared with wild-type (WT) plants under normal conditions, 
indicating the redundant nature of metabolic pathways or processes. To understand the 
metabolic functions of the acetate-activating enzymes and mtACP isoforms, metabolomic 
profiling was used to unravel how genetic mutations propagate through the plant metabolic 
network, leading to the altered phenotypes. A novel aspect of this study is an integrative 
approach of stable isotope assisted metabolomics and reverse genetics to deduce the 
compartment-specific metabolic fluxes. 
 
Genetic Redundancy in Plant Metabolism 
 Genes in plant genomes usually exist as two or more copies and about 65% of 
annotated genes have a duplicate copy (Panchy et al., 2016). The genome of Arabidopsis 
contains many duplicate genes encoding isozymes or multiple isoforms of cofactors, such as 
members in the acyl-activating enzyme superfamily (Shockey and Browse, 2011), aldehyde 
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dehydrogenase superfamily (Brocker et al., 2013), and pyruvate decarboxylase gene family 
(Mithran et al., 2014), as well as multiple isoforms of acyl carrier proteins (Battey and 
Ohlrogge, 1990; Meyer et a., 2007). In this study, many single loss-of-function mutants 
lacking one of the above-mentioned enzymes or cofactors show the WT-like morphological 
and metabolic phenotypes under normal conditions. In fact, a lack of a discernible phenotype 
in a knockout mutant of a single locus is quite common in Arabidopsis (Lloyd and Meinke, 
2012). The conclusions we can draw from such a null phenotype are limited. There are 
several possibilities to explain the hidden phenotype in a single mutant: 1) the presence of 
redundant genes can compensate for the loss of each other, 2) an abnormal phenotype is 
present under normal conditions but is too subtle to be detected, or 3) an abnormal phenotype 
may appear under special environmental conditions. 
 
Two Acetate-Activating Enzymes: Functional Redundancy or Divergence? 
ACS and ACN1 have overlapping and distinct functions in plant metabolism. The 
redundant function of ACS and ACN1 in protecting plant cells from accumulating toxic 
levels of acetate was revealed by the acs acn1 double mutant, which displays abnormal 
phenotypes with the accumulation of acetate and metabolic deficiency in many central 
metabolites (i.e., amino acids, organic acids, sugars, and lipids). The subtle abnormal 
phenotype of the acs and acn1 single mutants was observed by tracing the 13C-labeled acetate 
into the downstream metabolites. Although the metabolic levels are nearly unchanged by a 
single mutation in ACS or ACN1, the specific metabolic fluxes from 13C-labeled acetate to 
acetyl-CoA-derived metabolites in these single mutants were distinct from the WT, 
demonstrating the different metabolic pathways which these two enzymes are involved in. 
When these single mutants are treated with externally supplied acetate, they show more 
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severe growth inhibition than the WT. Therefore, multiple strategies should be used to reveal 
gene functions when there is no discernible phenotype in the single knockout mutants. 
Why does Arabidopsis need two acetate-activating enzymes localized at two distinct 
subcellular compartments? From the evolutionary point of view, ACS and ACN1 are the 
example of convergent evolution. These two isozymes are distantly related in the acyl‐
activating enzyme superfamily with less than 20% amino acid sequence identity (Shockey 
and Browse, 2011). ACS and ACN1, the plastidic-peroxisomal isozyme pair, appears to have 
similar enzymatic properties with acetate being the preferred substrate and acetyl-CoA being 
the common product. Because acetyl-CoA is membrane-impermeable, ACS and ACN1 play 
non-redundant roles in supporting the compartment-specific acetyl-CoA pools. Unlike acetyl-
CoA, the undissociated acetate (i.e., acetic acid) is lipophilic and able to cross membranes by 
passive diffusion (Jackson et al., 1980), which connects the two spatially distinct acetate-
activating routes. Distributed detoxification of acetate enables plant cells to more efficiently 
metabolize high levels of acetate that can be produced under hypoxic conditions, where 
acetate is a byproduct of the ethanol fermentation pathway (Mellema et al., 2002).  
The subcellular organization of the acetate-generating pathways appear to be distinct 
from the acetate-activating pathways. Under anaerobic conditions, pyruvate is first 
decarboxylated to acetaldehyde via pyruvate decarboxylase (PDC) and further reduced to 
ethanol via alcohol dehydrogenase (ADH). ADH can also catalyze the reverse reaction from 
ethanol to acetaldehyde which is oxidized to acetate via acetaldehyde dehydrogenase 
(ALDH). While PDC and ADH are localized to cytosol, involvement of a mitochondrial 
ALDH (ALDH2b4) in acetate production indicates this process can occur in mitochondria 
(Tsuji et al, 2003). The compartment-specific control of the flux from the mitochondria-
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generated acetate into plastids and peroxisomes remains unclear. An unsolved puzzle from 
this study is the observation that ACS and ACN1 differ in the ability to detoxify ethanol-
induced acetate. One possibility is that the regulatory properties of ACS in plastids and 
ACN1 in peroxisomes may be different when plants are treated with ethanol. Another 
possibility is that the permeation of acetate in plant cells is assisted by active transporters that 
may respond differently to ethanol. Monocarboxylate transporters that can facilitate the 
translocation of acetate have been commonly found in bacteria, yeast, and mammals (Sun et 
al., 2018; Paiva et al., 2004; Moschen et al., 2012). A forward genetic analysis has suggested 
an Arabidopsis ABC transporter (Comatose) is involved in the transport of acetate into 
peroxisomes (Hooks et al., 2007). Future studies on identifying acetate transporters are 
needed to elucidate the spatial dynamics of acetate metabolism in plants. 
 
Probing Compartment-Specific Fluxes 
Isotope-labeled acetate has been extensively used to assess central carbon metabolism 
in plants for several decades. 14C-labeled acetate supplied to various plant tissues has been 
found to be incorporated into fatty acids (Newcomb and Stumpt, 1953; Kuhn et al., 1981), 
organic acids (Wang et al., 1953), and amino acids (Rogers, 1955). A limitation of many of 
these early studies is the lack of spatial and temporal information to infer the carbon fluxes 
from the labeling data. The normal phenotypes of the acs and acn1 mutants enable us to trace 
the dynamic incorporation of labeled acetate into various downstream metabolites and 
delineate ACS-dependent and ACN1-dependent fluxes. 
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The attempt to delineate the role of ACS from the parallel plastidic acetyl-CoA-
generating enzyme (i.e., pyruvate dehydrogenase complex) has been successful by using 13C-
acetate. The entrance of labeled acetate into the plastidic acetyl-CoA pool is blocked in the 
acs mutant, resulting in decreased labeling in the plastidic acetyl-CoA-derived metabolites 
(i.e., de novo synthesized fatty acids and leucine). The use of labeled acetate and the acs 
mutant allows us to manipulate the activation of acetate to acetyl-CoA in plastids, providing 
the opportunity to study the plastid-specific acetyl-CoA metabolism. 
The inhibited incorporation of acetate into many organic acids and amino acids in the 
acn1 mutant revealed the metabolic role of the ACN1-generated acetyl-CoA in the 
peroxisomes. There are two major pathways that could potentially allow the translocation of 
peroxisomal acetyl units in plants. One is through the glyoxylate cycle that generates the 
organic acids (succinate, citrate, malate, and fumarate) that can move across the peroxisomal 
membrane and provide the carbon backbones for synthesizing many amino acids (aspartate, 
glutamate, glutamine, GABA, proline, and ornithine). Prior characterization of peroxisomal 
citrate synthase supports that the citrate exported from peroxisomes to mitochondria 
functions to replenish the TCA cycle (Pracharoenwattana et al., 2005). Alternatively, the 
peroxisomal acetyl unit could be incorporated into glycine via a glutamate:glyoxylate 
aminotransferase that transaminates glyoxylate to glycine (Dellero et al., 2015). The resulting 
glycine can react with N5,N10-methylene tetrahydrofolate to form serine in the classic 
photorespiratory pathways (Wingler et al., 2000). These analyses address the transport of 
acetyl units between subcellular compartments and connections between the acetyl units and 
the central metabolism. Measuring spatially resolved isotope labeling of the metabolome at 
the level of organelles would be necessary to dissect these highly interconnected pathways.   
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Compartmentation of Multiple ACP Isoforms 
Plant cells utilize two Type II fatty acid synthase (FAS) systems, one in mitochondria 
and the other in plastids. Central to the two distinctly localized FAS systems, ACP is a 
conserved cofactor protein that binds the fatty acyl intermediates during the elongation of 
nascent acyl chains (Chan and Vogel, 2010). Multiple isoforms of ACP have been reported in 
many plant species, such as spinach (Ohlrogge and Kuo, 1985), oil seed rape (Safford et al., 
1988), barley (Hansen and Kauppinen, 1991), and cigar flower (Kopka et al., 1993). 
The identification of the eight ACP-encoding genes in Arabidopsis raises the question 
why plants have maintained so many ACP isoforms in plastids and mitochondria. The co-
existence of both plastidic and mitochondrial ACP isoforms suggests the division of labor of 
the dual-localized FAS systems in plant cells. The plastidic FAS system (ptFAS) appears to 
utilize five ptACPs for generating the bulk of fatty acids used for the synthesis of membrane 
lipids and storage lipids (Li-Beisson et al., 2010). The mitochondrial FAS system (mtFAS) 
utilizes three mtACPs for producing the lipoic acid precursor needed for mitochondrial 
protein lipoylation processes. Although the same chemical reactions are employed for 
elongating fatty acyl chains in the ptFAS and mtFAS systems, two sets of enzymes encoded 
by different genes are targeted to plastids and mitochondria to catalyze the reactions (Li-
Beisson et al., 2010; Guan et al., 2015; Guan and Nikolau, 2016; Guan et al., 2017). Distinct 
pools of cofactors and enzymes allow the ptFAS and mtFAS systems work independently, 
providing cells with more control in adjusting their metabolism to satisfy specific needs in 
response to environmental perturbations. 
Mutant analysis in this study revealed the complex functional redundancy among the 
three mtACP isoforms in supporting the mtFAS. Instead of acting fully redundantly, mtACP1 
and mtACP2 are more effective than mtACP3 in supporting the mtFAS machinery. This 
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reflects the phenomenon of unequal genetic redundancy (Briggs et al., 2006), where a 
combined loss of mtACP1 and mtACP2 genes results in a phenotype of delayed growth, loss 
of the other two combinations (i.e., a combined loss of mtACP1 and mtACP3 and a 
combined loss of mtACP2 and mtACP3) has no effect, and loss of all three genes results in 
an embryo-lethal phenotype. This unequal redundancy might be due to the difference in 
expression level, as the expression of the mtACP3 gene is much lower than that of mtACP1 
and mtACP2. Following gene duplication, the duplicate gene could retain a fraction of the 
functions of the ancestral homolog (Briggs et al., 2006). It is likely that the trait affected by 
the mtACP genes depends on their activity in a quantitative manner. The molecular basis for 
such an asymmetric redundancy remains to be studied. 
Although the functional redundancy among the five ptACP isoforms has not been 
addressed yet, these plastidic isoforms display differential patterns of expression in response 
to developmental and environmental cues. For instance, during the development of 
Arabidopsis seeds, a distinct temporal expression patterns were observed in ptACP1 and 
ptACP3, which synchronize with other ptFAS genes (e.g. acetyl-CoA carboxylase and 3-
Ketoacyl-ACP synthase I) to generate the fatty acids for storage lipid accumulation (Ruuska 
et a., 2002). A leaf-specific isoform is ptACP4, which transcriptionally upregulated by light 
and behaves similarly to photosynthetic genes (Bonaventure and Ohlrogge, 2002). The 
expression levels of ptACP isoforms are associated with fatty acid composition. Mutation in 
ptACP4 resulted in a chlorotic phenotype with a decrease in16:3 fatty acids (Ajjawi et al., 
2010), whereas overexpression of ptACP1 leads to significant decreases in 16:3 along with 
increases in 18:3 fatty acids (Branen et al., 2003). In addition, a cotton fiber-specific ACP 
has been found to play a role in synthesis of membrane lipids in rapidly elongating cotton 
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(Song and Allen, 1997) and a coriander seed-specific ACP could be specifically involved in 
the production of unusual monoenoic fatty acids in seeds (Suh et al., 1999). A legume-
specific soybean ACP is likely to be important for root nodule symbiosis by contributing to 
synthesizing 16:0 and 18:0 fatty acids (Wang et al., 2014). A future challenge will be to 
determine the degree of functional overlap or specificity among these ptACP isoforms in 
different species, tissue types, and cell types. 
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Abstract 
The visualization of foliage color in plants provides immediate insight into some of 
the compounds that exist in the leaf. However, many non-colored compounds are also 
present; their cellular distributions are not readily identifiable optically. In this study we 
evaluate the applicability of mass spectrometry imaging (MSI) via electrospray laser 
desorption ionization (ELDI) to reveal the spatial distribution of metabolites. ELDI-MSI is a 
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matrix free, atmospheric pressure ionization method that utilizes a UV laser coupled with 
supplemental ionization by electrospray. We specifically applied ELDI-MSI to determine the 
spatial distribution of metabolites in Coleus Henna half leaves that were grown with half-
sections either fully illuminated or shaded. We monitored dynamic changes in the spatial 
distribution of metabolites in response to the change of illumination every 7 days for a 28 day 
period.  A novel source-sink relationship was observed between the 2 halves of the 
experimental leaf.  Furthermore, Coleus Henna leaves present visually recognizable sectors 
associated with the differential accumulation of flavonoids. Thus, we correlated the effect of 
differential illumination and presence or absence of flavonoids with metabolic changes 
revealed by the accumulation of carbohydrates, amino acids, and organic acids. The results 
show the potential of ELDI-MSI to provide spatial information for a variety of plant 
metabolites with little sample preparation.  
 
Introduction 
Traditional mass spectrometry (MS) based methods of metabolite analysis require 
extraction of metabolites from biological samples, followed by chromatography.  Spatial 
distribution data on metabolites are lost in these procedures.  Recently, mass spectrometry 
imaging (MSI) has made a significant impact in filling this gap and has contributed to more 
refined understanding of many areas of biology (Amstalden van Hove et al., 2011; Lee et al., 
2012; Nilsson et al., 2015; Shroff et al., 2015). Interrogating the location of metabolites in 
multicellular organisms provides insight into the “sharing” of metabolic processes among 
different cell types. 
Several ionization sources for MSI have been introduced.  Each has its own unique 
advantages and limitations. Matrix assisted laser desorption ionization (MALDI) is the most 
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widely used MSI technique in biology and can obtain spatial resolution as high as ~1 µm 
(Kompauer et al., 2017; Zavalin et al., 2015). MALDI performed in vacuum, coupled with 
different applied matrices, allows for the detection of a variety of metabolites (Klein et al., 
2015; Shroff et al., 2015). However, the application of the matrix can complicate the use of 
MALDI especially for metabolites with low m/z values (<1000 Da) (Boughton et al., 2016), 
such as organic acids, sugars and amino acids. Laser ablation electrospray ionization 
(LAESI) generally uses an infrared laser to ablate particles from a biological surface, with 
water in the sample being the main IR absorber. The ablated plant particles undergo post-
ionization via interaction with the ESI droplets before entering the mass spectrometer. As 
generally practiced, LAESI allows ~200 µm lateral resolution, while requiring little sample 
preparation because there is no applied matrix (Nemes & Vertes, 2007). Similar to the 
aforementioned methods, matrix assisted laser desorption electrospray ionization 
(MALDESI) utilizes an applied matrix to absorb radiation from an IR laser coupled with 
post-ionization via ESI; water ice is an effective matrix for MALDESI (Robichaud et al., 
2014).  
In the present study, electrospray laser desorption ionization (ELDI) with an 
ultraviolet laser (wavelength 355 nm) coupled with electrospray (Shiea et al., 2005), was 
used to analyze the spatial distribution of metabolites in plant samples. In this study, we 
applied ELDI to Coleus (Solenostemon scuttellarioides) leaves that were grown with only 
half of the leaf surface illuminated. Coleus is a member of the Labiatae (mint) family, and 
different varieties are generally grown as ornamentals. The Coleus variety Henna is known 
for its serrated foliage. Its upper side is a unique uniform chartreuse to copper color.  The 
underside is dark burgundy. These colors are primarily due to anthocyanin pigments that 
130 
accumulate in these plants. The color intensity can be affected by illumination, temperature, 
and other environmental conditions (Lebowitz, 2011).  
The present work evaluates ELDI-MSI to study the distribution of anthocyanins, 
flavonoids, and small metabolites (<1000 Da), including carbohydrates, organic acids and 
amino acids in Coleus leaves.  The effects of different states of illumination during growth 
are assessed. 
 
Material and Methods 
Plant Growth, Maintenance and Light Conditions 
Solenostemon scuttellarioides (Coleus Henna spp.) adult plants were obtained from 
Stam Greenhouse (Oskaloosa, IA).  All plants were transferred to LC1 Sunshine Mix soil 
(Sun Gro Horticulture, Bellevue, WA), watered weekly, and grown in a growth room at 22° 
C under continuous illumination (2568 Lux or photosynthetic photon flux density 100 µmol 
of photons m-2 sec-1).  
For the light regulated experiments, half (through the leaf vein) of each leaf was 
covered length-wise with aluminum foil (shiny side up). The edges were sealed with scotch 
tape to ensure the covered region had limited light exposure. The leaves were harvested from 
the same plant at one-week intervals for four weeks. In all imaging and profiling 
experiments, three biological replicates (each replicate being images of three plants) were 
used for MS imaging, optical imaging and metabolic profiling of all metabolites.  
Leaves for anthocyanin and non-targeted metabolite profile analysis were harvested 
each week, cut through the middle vein to separate the light-exposed surface from the 
shaded/dark-surface, and immediately flash-frozen using liquid nitrogen. The samples were 
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then dried using a vacuum lyophilizer and pulverized using a Mixer Mill 301 (Retsch GmbH, 
Germany) in 2 mL Eppendorf tubes prior to extraction.  
For MS imaging, samples were gently cut from both the foil-covered and uncovered 
edge of the leaf. Sections measuring approximately 12 mm by 8 mm were immediately 
analyzed using ELDI. Leaf edges were also visualized under a light microscope. 
Tissue Sectioning and Microscopy 
For microscopy only, leaf edges were hand-sectioned using a vibratome (TPI-3000; 
www.tedpella.com) at 70 to 100 µm. The sections were mounted in water and visualized 
under bright-field using a BH40 compound microscope (Olympus, www.olympus-
global.com) equipped with Axio Vision software (Carl Zeiss Inc., Thorwood, NY). 
Additionally, a fresh leaf was ablated and the depth of the ablation trenches were measured 
using a Keyence VHX-5000 Digital Microscope.  
Anthocyanin Extraction 
Compounds were extracted from 5 mg of lyophilized Henna leaf tissue using 300 µL 
of methanol/ water/ acetic acid (85:15:0.5; v/v/v) and sonicated for 1 hour. Samples were 
then incubated in dark at 4 oC for 2 hours (Wu, Gu, Prior, & McKay, 2004). The samples 
were centrifuged for 5 minutes at 13,000 rpm and the liquid phase was filtered twice using 13 
mm x 0.45 µm Teflon Syringe filters (Supelco, PA) for HPLC MS analysis. 
HPLC-MS and MS/MS Analysis of Anthocyanins 
The chromatographic separations were performed with an Agilent Technologies 1100 
series HPLC. This was coupled with an Agilent Technologies Mass Selective Trap SL 
detector, equipped with an electrospray ionization (ESI) source with an autosampler/injector 
and diode array detector (DAD) for LC-MS analysis. A silica-based reverse-phase C18 
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Atlantis T3 column (2.1 × 150 mm, 3 µm, Waters, Milford, MA) was used for separation. 
Elution was performed using mobile phases containing 5% formic acid in LC-MS grade 
water or methanol (MeOH). The flow rate was kept at 0.2 mL/min and the DAD detection 
was at UV Vis wavelength 520 nm. After 5 µL of sample injection, a gradient was used as 
follows:  0 to 6 min, 0 to 20% MeOH; 6 to 40 min, 20 to 50% MeOH; 40 to 44 min, 50 to 
50% MeOH; 44 to 48 min, 50% to 100% MeOH 48 to 52 min, 100% MeOH; 52-56 min, 100 
to 0% MeOH. The column effluent was then introduced via ESI into an Agilent 6210 MSD 
time-of- flight mass spectrometer operating in positive mode. The ESI capillary voltage was 
+3.0 kV, nitrogen gas temperature was set to 350 °C, drying gas flow rate was 11 L/min, 
nebulizer gas pressure was 35 psi, skimmer was 65 V, and OCT RF was 250 V. Mass spectra 
from m/z 100 to 2000 were collected and analyzed using Agilent ChemStation Data Analysis. 
Individual anthocyanin peak areas were generated by Quant Analysis and used to compare 
different levels of anthocyanins quantitatively. The structure for each anthocyanin was 
identified from detailed MS/MS analysis performed at various collision energies. 
Non-targeted Metabolite Profile Analysis by GC-MS 
Metabolite extracts were prepared as described previously (Schmidt et al., 2011). 
Extracts were prepared from 2 mg of lyophilized leaf tissue. The extracts were spiked with 
two internal standards: 10 µg of ribitol and 5 µg nonadecanoic acid for polar and non-polar 
fractions, respectively. To 5 mg of lyophilized tissue, 0.35 ml of hot methanol (60° C) was 
added.  The sample was incubated at the same temperature for 10 min, followed by 
sonication for 10 min at full power. To this slurry, 0.35 ml of chloroform and 0.3 ml of water 
were added and the mixture was vortexed for 1 to 3 min. After centrifugation for 5 min at 
13,000 g, 200 µl of the upper phase (polar fraction) and 200 µl of the lower phase (non-polar 
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fraction) were separately removed into 2 ml GC-MS vials, and dried in a Speed-Vac 
concentrator (model SVC 100H, Savant, NY). 
The samples were then methoximylated and silylated. For methoximation, 50 µl of 20 
mg/mL methoxyamine hydrochloride dissolved in dry pyridine was added. The reaction 
mixture was shaken at 30 °C for 1.5 hours. Silylation was performed by adding 70 µL of N, 
O-Bis (trimethyksilyl) trifluoroacetamide (BSTFA) with 1% trimethylchlorosilane (TMCS) 
and incubating at 65 °C for 30 min.  One microliter of the derivatized samples was injected 
into the GC-MS in splitless mode. GC-MS analysis was performed using an Agilent 6890 
GC interfaced to an Agilent 5973 quadrupole MS with a HP-5ms (5%-Phenyl)-
methylpolysiloxane column (30 m x 0.25 mm x 0.25 µm, Agilent).  The temperature was 
programmed from 70 to 320 °C at 5 °C/min with helium flow rate at 1.0 mL/min and inlet 
temperature at 280 oC. EI-MS ionization energy was set to 70 eV and the interface 
temperature was 280 °C.  
The GC-MS data files were deconvoluted and searched against an in-house MS-
library, the NIST 14 Mass Spectral Library using NIST AMDIS software (Stein, 1999) and 
the Golm Metabolome Database (Hummel et al., 2010).  Non-targeted metabolite profiling 
data obtained by GC-MS analysis, and anthocyanin data obtained from LC-fluorescence are 
publicly available in the PMR database (http://metnetdb.org/PMR/; Hur et al., 2013). They 
are available at, metnetweb.gdcb.iastate.edu/PMR/experiments/?expid=279 
ELDI-MS  
A Waters Synapt G2-S quadrupole time-of-flight mass spectrometer was used for 
data collection for all MSI. The Waters ESI source was removed and a homemade open-air 
ESI source (Galayda et al. 2017) was used with samples at ambient pressure. Data were 
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acquired in the mass range from m/z 50 to 1200, spectra were summed for 0.3 seconds. The 
time-of-flight reflectron operated in single-pass mode with a resolution of ~10,000 FWHM 
for MS images. The TOF was then operated in double-pass mode with a resolution of 
~40,000 FWHM, or “high resolution mode”, to confirm compound identifications by 
accurate m/z measurements.  These confirmatory measurements were done on a different 
segment taken from the same leaf. Tandem MS quadrupole resolution varied from Δm = 5 to 
12 depending on the analyte with a nominal collision energy of 20 eV. The Synapt was 
operated using Waters MassLynx V4.1 (SCN851) software. 
Data Handling 
Spectra were generated from total ion chromatograms (TIC) combined by the 
MassLynx software. The “.raw” Waters data files were converted to mzML files by 
Proteowizard Mass Converter Tool. The MzML files were then combined into an imzML file 
using imzML Converter. This combined image file was then viewed and images were 
generated from MSiReader V0.06 via the W.M. Keck FTMS Laboratory. All images made 
within MSiReader had Linear2 interpolation for image clarity, and used the “Jet” 
colormap/false color appearance. Co-localization and 3D images were created with 
MSiReader V1.00. For a few samples in the early stages of this study, images were generated 
after normalizing individual ion signals to the total ion signal. This normalization did not 
affect the images noticeably, so normalization was not used for any of the images shown 
below. 
ELDI Compound Identification Protocol 
Compounds were identified from the ELDI spectra in a multiple step process to 
ensure confident assignments. Initial ELDI measurements were done in so-called 
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“sensitivity” mode, m/Δm ~10,000 FWHM.  Based on these results, high resolution spectra 
at ~40,000 were acquired on a different segment of the same leaf for accurate mass 
measurements. Next, if the compound was of high enough abundance and without 
background interferences, tandem mass spectra were taken to provide a fragmentation 
pattern. These high resolution m/z values were then put into online metabolite databases (i.e. 
METLIN) to generate possible compound matches based on accurate mass and tandem MS 
(if available from both ELDI data and the online database). ELDI data were also compared to 
the corresponding GC-MS and LC-MS data acquired from Coleus Henna leaves for identity 
overlap. Every possible ID was given a ∆ppm value based on the experimental m/z value 
compared with the true m/z value of the compound. These ∆ppm values were generally 
below 10 ppm. Some compounds were given identifications with greater than 10 ∆ppm 
values based on matches with the GC-MS data and/or tandem MS matches with the online 
database. Some flavonoid peaks were assigned as cyanidin or apigenin derivatives despite no 
database matches due to highly abundant tandem MS product peaks at m/z 287.0585 or 
271.0627, respectively.  Many METLIN database entries of flavonoids did not have 
supporting MS/MS data for comparison, with some having only predicted MS/MS spectra.  
Acquiring tandem MS data with ELDI was successful for most peaks of interest, but 
was not always possible. It was difficult to acquire tandem MS spectra for highly spatially 
localized compounds, labeled “localized signal” in subsequent data tables.  Compounds with 
a relatively low abundance did not give a satisfactory fragmentation pattern for identification 
purposes (labeled “too low abun.” in subsequent data tables). Analyte peaks near major 
background peaks had interferences with their tandem MS spectra. The quadrupole resolution  
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could sometimes be increased to eliminate these interferences, but a subsequent drop in peak 
intensity sometimes resulted in poor tandem MS results. 
ELDI Source 
The apparatus has been described (Galayda et al., 2017). Samples were ablated with a 
Nd:YAG laser (ULTRA, Big Sky Laser Tech, Inc. Bozeman, MT). The third harmonic was 
used at 355 nm. The laser was operated at a pulse repetition rate of 10 Hz, with a 5 ns pulse 
width, and an energy of ~250 µJ/pulse (before focusing).  This pulse energy was just above 
the ablation threshold for these samples. The beam was focused onto the sample by a single 
plano-convex focusing lens (fused-silica, focal length 75 mm), with a nominal spot size of 
~125 µm.  
Samples were cut with a scalpel.  Immediately after cutting, the sample segments 
were mounted on a glass slide using double sided tape. The laser did not penetrate 
completely through the sample; the underlying tape is not ablated.  No matrix was applied, 
and leaves were pressed lightly to create an even surface. The optical images shown below 
were photographed before this pressing step. Thus, the dimensions of the optical images are 
slightly smaller than those of the MS images in some of the results shown below. 
Plant samples were then placed 8 mm below the ESI-sample inlet axis on a computer-
controlled translation stage (Z825B, Thorlabs, Inc. Newton, NJ). Samples were translated at 
0.4 mm/sec beneath the 10 Hz laser beam down the surface of the leaf to insure fresh tissue 
was constantly being ablated. The distance between the centers of adjacent ablation tracks 
was 125 µm, providing a lateral resolution of 125 µm. The ablation trench was ~30 µm deep. 
The underlying tape was not ablated. Mass spectra were averaged over 0.3 second intervals. 
Thus, the ablated volume was 125 µm x 120 µm x 30 µm deep. The leaves were irradiated 
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normal to the sample surface with the laser beam axis ~2 mm downstream from the ESI 
capillary. The ESI tip was ~10 mm from the sample inlet (Galayda et al., 2017). 
A solution of 50% methanol with 0.1% formic acid (99.5% purity, Fisher Scientific) 
was pumped through a 53 µm ID polyimide coated capillary as the ESI solution (pump: 
model Z2, Harvard Apparatus, South Natick, MA). Leucine enkephalin was added at 0.1 ppm 
to the ESI solution for use as a mass calibrant. All data were acquired in positive ESI mode. 
The ESI voltage for ELDI was +2.5 kV applied to a stainless steel union in the liquid flow 
line, with the sample cone completing the ESI circuit. The sample inlet was kept at 100o C 
with a N2 curtain gas flow of 1 L/hr. 
 
Results 
Overview of Experimental Workflow 
The mid-rib (Figure 1) was used as the boundary between the two halves of each 
Coleus leaf. One half of a leaf was covered with aluminum foil to generate leaf tissue that 
was grown under lower illumination conditions, and the uncovered half of the leaf was used 
as a control for normal levels of illumination. Each leaf was dissected transversely. Segments 
~12 mm x 8 mm were collected from both the illuminated and shaded sides of the leaf.  
These segments were placed on a glass slide and used in ELDI imaging experiments. 
Metabolite distribution maps were created for 77 chemically identified ions detected by 
ELDI-MS. Thirteen of these identified ions were observed to decrease in abundance in the 
shaded side of the leaf, while the abundances of eleven compounds increased in the shaded 
side. The relative abundances of the remaining 53 ions were unaffected by shading (Tables 1-
3). In-parallel, targeted anthocyanin analysis via LC-MS, and non-targeted global 
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metabolomic analysis via GC-MS was performed on separate leaf samples, which were 
sampled in triplicate. 
Illumination Affects Foliage Color and Anthocyanin Abundances 
Under normal illumination conditions both the adaxial (upper) and abaxial (lower) 
surfaces of the Coleus Henna leaf are a burgundy red-purple color. In the shaded condition, 
the foliage color changes from burgundy red-purple to chartreuse green (Figure 2). 
Microscopic cross-sections of leaves reveal that the abaxial and adaxial epidermal cells are 
heavily red-pigmented, and the mesophyll and palisade layers are green pigmented with 
Figure 1. ELDI-MSI experimental workflow. A) Individual Coleus leaves were treated for a period of up 
to 28 days by shading half the leaf and leaving the other half fully illuminated. B) Leaf samples were 
selected for light microscopy, metabolite extraction and metabolomics analysis, and ELDI-MSI analyses 
with a Waters Synapt G2-S mass spectrometer. C)  ELDI-MSI data were generated and validated by 
metabolite profiling of extracts by GC-MS or LC-MS analysis. D) Mass spectrometric images were 
generated for individual ions and aligned with visual images of leaves. 
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chlorophylls. Epidermal cells range from 20 to 50 µm deep with cross-sections in the range 
of 40 to 55 µm long.  These cell dimensions are unaffected by shading. The red pigmentation 
was decreased in the adaxial epidermis, and unaltered in the abaxial epidermis. This loss of 
the red pigment from the adaxial epidermis revealed the underlying chlorophyll pigments, 
imparting the green color to the shaded half of the adaxial surface of the leaf.  
 
Effect of Shading on the Extractable Leaf Metabolome 
The GC-MS analyses of metabolite extracts from leaf tissue detected 156 polar and 
non-polar analytes; 67 of these were identified chemically. These metabolites include 
alcohols, polyols, sugars, lipids, fatty acids, esters, sterols, hydrocarbons, organic acids, and 
Figure 2. Optical images of Coleus Henna leaves over a 28 day period.  A) The right-side of each leaf 
was shaded by wrapping with aluminum foil, whereas the left side was fully illuminated. White boxes 
denote areas of the leaves that were sectioned for optical microscopic examination in cross section (B). 
Scale bar = 50 µm  
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nitrogenous metabolites. The abundances of most of the chemically identified metabolites 
remained unaltered irrespective of the illumination conditions (Figure 3). The abundances of 
a few metabolites, such as gluconic acid, fructose, arachidonic acid, 1-monopalmitin and a 
hexose sugar, increased in the shaded side of the leaf as time progressed. The abundance of 
fructose increased in the shaded side of the leaf and became higher than in the illuminated 
side by the 28th day of the experiment. Benzoic acid showed a unique profile, with abundance 
decreasing through the time-line of the experiment; its abundance was always higher in the 
shaded side of the leaf.  
Targeted LC-MS analyses measured changes in anthocyanin concentrations during 
these experiments. Nine cyanidin-based anthocyanins (Figure 4) were identified. Two of 
these showed differential accumulation between the illuminated and shaded sides of the leaf: 
cyanidin-coumaroylglucoside-malonylglucoside at m/z 843.1970 and cyanidin-
coumaroylglucoside-dimalonylglucoside at m/z 929.1966. The abundance of both these 
anthocyanins decreased significantly in the shaded side of the leaf after 21 days of the 
experiment. Day 21 appears to be anomalous compared to the other time points. We suggest 
that day 21 may represent a metabolic switch, as the leaf is depleted of carbon and 
subsequently is re-accessed from sink tissues. The accumulation of the other 7 anthocyanins 
was unaffected by the difference in illumination. 
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Figure 3. Log-ratio comparison of the differential metabolomes between illuminated and shaded sides of the 
leaf. The x-axis plots the log-transformed relative abundance ratio of each metabolite in illuminated versus 
shaded sides. The order of the metabolites (156 analytes, 67 chemically identified) on the y-axis is identical 
in all four plots, and they are ordered from the lowest to highest value on the x-axis as determined for the 7-




ELDI-MS Identification of Flavonoids 
The pigmentation on the abaxial side of the leaf was unaffected by shading, whereas 
the pigmentation pattern was altered on the adaxial side of the leaf. Therefore, we focused on 
imaging the distribution of the metabolites on the adaxial surface using ELDI-MSI. Many of 
the ions detected in these ELDI spectra were attributed to flavonoids. Their chemical identity 
was confirmed by MS/MS experiments that generated fragment ions characteristic of the 
flavonoid backbones. The identities of these fragment ions were confirmed by matching 
accurate mass measurements with entries in the Metlin database (Smith et al., 2005). This 
strategy identified two main classes of flavonoids, based on the aglycone cores: a) apigenin, a 
flavone (Figure 5A), and b) cyanidin, an anthocyanin (Figure 5B). Apigenin was identified as 
its protonated ion [M+H]+ at m/z 271.0627. All analytes that generated this fragment ion by 
tandem MS were inferred to be apigenin-based flavones. Cyanidin has a permanent +1 
charge and was identified as an [M]+ ion at m/z 287.0585. Cyanidin was distinguished from 
Figure 4. Log-ratio comparison of the differential accumulation of anthocyanins in Coleus half-leaves 
maintained under full-illumination or shaded for the indicated time-periods.  The table names each of the 9 
anthocyanins that were identified by LC-MS analysis of extracts prepared from the two leaf halves. The order 
of the metabolites on the y-axis of the plot is from the lowest to the highest log-ratio values as determined for 
the 7-day time point. 
143 
isobaric compounds (e.g., luteolin or kaempferol) based on MS/MS fragments derived from 
this [M]+ ion (Table 1).  Cyanidin-based anthocyanins were identified by cyanidin [M]+ 
product ions at m/z 287.0585. The high intensities of the apigenin-aglycone (m/z 271.0627) 
and cyanidin-aglycone (m/z 287.0585) ions in the overall ELDI spectrum (Figure 5C) show 
that the aglycones have a high relative abundance compared to other low mass molecules 
observed.  
The cyanidin-based anthocyanins are primarily glycosylated and further 
biochemically modified by malonylation or coumarylation (Table 1).  These anthocyanins 
generated common fragment ions at m/z 163.0620 and 147.0485, which were identified as the 
protonated water-loss ion [M-H2O+H]+ of a hexoglycoside, and the protonated water-loss ion 
[M-H2O+H]+ of coumaric acid, respectively. The glycone moiety was not identified directly. 
However, based on the METLIN and the KEGG pathway databases (Guijas et al., 2018; 
Smith et al., 2005), and prior characterization of these metabolites in other Coleus lines 
(Boldt, 2013), these glycosides are subsequently referred to as glucosides. Collectively 
therefore, we identified 15 cyanidin-based anthocyanins (Table 1).  
Similar characterizations identified four apigenin-based flavones, including the 
apigenin aglycone. Tandem MS generated the apigenin backbone product ion but the specific 
chemical structures of these apigenin-based flavones were not determined.  The ELDI 
experiments identified five apigenin-based flavones at m/z 447.0918, m/z 489.1057, m/z 
619.2228, m/z 635.2041, and m/z 743.1454 (Table 1).  
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Effect of Shading on the Spatial Distribution of Flavonoids 
The 15 chemically identified cyanidin-derived anthocyanins can be categorized into 
three classes. Eight are less abundant in the shaded side of the leaves, one is more abundant 
in the shaded side, and six are not affected by the difference in illumination (Table 1).  This 
last category includes the cyanidin aglycone, whose abundance are unaffected by shading 
during the entire 28-day period of the study, same as the apigenin aglycone (Figure 5D). 
Additional example images are presented in Figure 6, which shows the spatial distribution of 
five chemically identified cyanidin-based anthocyanins and three apigenin-based flavonoids. 
These include cyanidin-malonylglucoside (m/z 535.1069 [M]+), cyanidin-coumaroyl 
glucoside (m/z 595.1447 [M]+), cyanidin-coumaroylglucoside-glucoside (m/z 757.1965 
Figure 5. ELDI-MSI analysis of flavonoid backbones.  Molecular structure of two aglycone flavonoids: A) 
apigenin; and B) cyanidin. C) ELDI mass spectrum showing the relative abundance of apigenin ([M+H]+ at 
m/z 271.0627) and cyanidin ([M]+ at m/z 287.0585) ions. D) Spatial distribution of apigenin and cyanidin in 
shaded or fully illuminated leaf-halves, at different time-points after initiation of the shading treatment. Scale 
bar = 2 mm. The MSI intensity scale bar is color coded: red is maximum signal and blue is minimum signal, 
in this and subsequent figures. 
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[M]+), cyanidin-coumaroylglucoside-malonylglucoside (m/z 843.1970 [M]+), and cyanidin-
coumaroylglucoside-dimalonylglucoside (m/z 929.1966 [M]+); and the apigenin flavonoids at 
m/z 447.0918 [M+H]+, m/z 619.2228 [M+H]+, and m/z 743.1454 [M+H]+. 
MS images in this paper are obtained by scanning the laser horizontally from left to 
right. Signals are not acquired between adjacent ablation tracks.  This acquisition method 
generates images that appear to be elongated horizontally, largely due to the way in which 
the data are acquired. Additional horizontal stretching could occur because of a) there is no 
delay between pixels to allow recently ablated material to wash out of the ion source, and b) 
ablation occurs into room air; there is no controlled gas flow in the ion source.  Two 
examples are the two laterally-elongated features seen in Figure 5D for apigenin, day 14 
shaded side, middle of image. The effect is intermittent; it is not always observed. When this 
elongation is observed, as in Figure 5D, usually multiple adjacent tracks are elongated, which 
indicate that stretched images are mainly due to the stretched analyte regions in the actual 
sample. 
The anthocyanin with the highest relative abundance, cyanidin-coumaroylglucoside-
malonylglucoside (m/z 843.1970 [M]+), is initially equally abundant in both illuminated and 
shaded sides of the leaf. However, starting at 14 days its abundance is reduced more rapidly 
in the shaded side of the leaf (Figure 6). A similar distribution pattern after 28 days of 
shading is observed for the structurally related cyanidin- coumaroylglucoside (m/z 595.1447 
[M]+). In contrast, cyanidin-coumaroylglucoside-glucoside (m/z 757.1965 [M]+) is equally 
abundant in both the illuminated and shaded sides after 28 days (Figure 6). This anthocyanin 
had the second highest relative abundance and may be the immediate metabolic precursor to 
cyanidin-coumaroylglucoside-malonylglucoside (Guijas et al., 2018). Three-dimensional 
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temporal distribution patterns of these structurally related anthocyanins (m/z 843.1970 [M]+, 
m/z 757.1965 [M]+, m/z 595.1447 [M]+ and m/z 287.0585 [M]+) after 28-days of shading are 
presented in Figure 7. Similar to cyanidin-coumaroylglucoside-glucoside, the abundance of 
the dimalonylated derivative, cyanidin-coumaroylglucoside-dimalonylglucoside (m/z 
929.1966 [M]+), is lower in the shaded side of the leaf (Figure 6). A precursor to cyanidin-
coumaroylglucoside-dimalonylglucoside, the cyanidin-malonylglucoside (m/z 535.1069 
[M]+) is equally abundant in both the illuminated and shaded sides until 28-days of shading, 
where its abundance is reduced in the illuminated side of the leaf (Figure 6).  All these 
changes in relative abundance of cyanidin-based anthocyanins, revealed by ELDI-MSI, were 
confirmed by LC-MS analysis of extracts from these leaves (Figure 4).  
The spatial redistribution of two apigenin-based metabolites was revealed by MSI.  
For example, the apigenin-based flavonoid at m/z 619.2228 occurs in both illuminated and 
shaded sides of the leaves and concentrates in the periphery of the shaded leaf-half (Figure 
6). Another apigenin-based flavonoid at m/z 743.1454 is initially located in the periphery of 
the shaded leaf-half. It redistributes temporally to become more evenly dispersed among the 
two halves of the leaf (Figure 6). 
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Figure 6. Spatial distribution between shaded and illuminated halves of leaves of cyanidin and apigenin-
based flavonoids as affected up to 28 days of shading. The cyanidin-based flavonoids were detected as 
[M]+ ions, and apigenin-based flavonoids were detected as either [M+H]+ ions. The tentative IDs of the 
cyanidin-based flavonoids are as follows: cyanidin malonylglucoside (m/z 535.1069), cyanidin 
coumaroylglucoside (m/z 595.1447), cyanidin-coumaroylglucoside-glucoside (m/z 757.1965), cyanidin-
coumaroyl glucoside- malonylglucoside (m/z 843.1970), cyanidin-coumaroyl glucoside-
dimalonylglucoside (m/z 929.1966), and the apigenin-based flavonoids are tentatively identified as 
apigenin glucuronide (m/z 447.0918), apigenin flavonoid (m/z 619.2228), and apigenin flavonoid (m/z 
743.1454). Scale bar = 2 mm. 
148 
 
MSI Profiles of Carbohydrates 
Twelve sugars and sugar derivatives were chemically identified using three MS-based 
criteria: a) accurate mass determination with ELDI; b) ELDI-MS/MS fragmentation spectra; 
and c) integrated retention index and electron impact fragmentation patterns from GC-MS 
analysis. Most of the 12 sugars were observed as 39K+ and/or Na+ adducts by ELDI (Table 2). 
Specifically, sucrose was identified by MS/MS fragmentation patterns upon ELDI, and also 
by GC-MS analysis of extracts. A hexose, possibly glucose, was identified as both Na+ (m/z 
203.0560) and 39K+ (m/z 219.0310) adducts. The identity of a phosphorylated hexose 
(possibly glucose-phosphate) was inferred from accurate mass determination of the 39K+ 
Figure 7. Spatial distributions of cyanidin-coumaroylglucoside-malonylglucoside and its metabolically 
related species determined by ELDI-MSI analysis of leaf-halves subjected to either full illumination or 
shaded for 28-days. Right panel represents the 3D representations of the abundance of these 
metabolically related ions. The x- and y-axes represent spatial coordinates (mm), and the z-axis maps 
ion intensity. Scale bar = 2 mm. 
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adduct (m/z 312.9720). An organic acid glucoside (possibly coumaroyl glucoside) was 
identified by MS/MS experiments as both the Na+ (m/z 349.0923) and 39K+ (365.0647) 
adducts. A heptose was identified by accurate mass determination and by MS/MS 
fragmentation spectra, but the particular isomer could not be determined.  
The abundances of eight of these sugar metabolites were unaffected by the 
illumination status of the leaf (Table 2). The spatial distributions of six typical metabolites 
are shown in Figure 8. Three of these sugar metabolites (m/z 203.0560, m/z 312.9720, m/z 
349.0923) become more abundant over time in the shaded side of the leaf. Finally, a sugar-
derivative, believed to be hexose-glycerol phosphate (m/z 357.0586), as determined by 
accurate mass, became less abundant across the entire leaf after 28 days of shading (Figure 8) 
  
Figure 8.  Spatial distributions of sugars determined by ELDI-MSI analysis of leaf-halves 
subjected to either full illumination or shading for up to 28-days. Each sugar was detected as 
[M+Na]+ or [M+K]+ adducts. Scale bar = 2 mm. 
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MSI Profiles of Organic and Amino Acids 
Table 3 lists the carboxylic acids and amino acids that were observed by ELDI-MSI. 
Seven of these metabolites were identified as H+ adducts, 15 as H+ adducts accompanied by 
water loss, two as Na+ adducts, and three as 39K+ adducts. Several of these compounds were 
observed as multiple adducts; individual molecules of a given compound had one of either 
H+, Na+ or 39K+ attached in the same spectrum.  
Several analytical strategies were integrated to confirm the chemical identity of these 
organic acids, including accurate mass determination, MS/MS experiments, and GC-MS 
analysis of derivatized metabolite extracts. The latter strategy was also used to confirm the 
relative concentrations between the illuminated and shaded sides of the leaves.  Collectively 
these analyses identified 23 organic acids. Eight were identified with ELDI-MS and the 
molecular images of these metabolites (Figure 9) indicate their abundances were unaffected 
by the shading of the leaf, except for glycolic acid seen only by GC-MS. 
The locations of 12 proteogenic amino acids (alanine, arginine, asparagine, aspartic 
acid, glutamine, glycine, histidine, leucine, proline, serine, threonine, and valine) were 
determined by ELDI-MSI. The non-proteogenic amino acids were pyroglutamic acid and 
GABA (Figure 10). Arginine, aspartic acid, and histidine were considerably more abundant 
in the shaded side of the leaf, although in the case of histidine this increase occurred after the 
half-leaf was shaded for 21 days. The spatial distribution of seven amino acids were 
unaffected by shading, but the relative abundance of four amino acids changed as time 
progressed. Specifically, leucine abundance increased at 28 days, whereas the abundance of 
alanine (decreased from day 14 to 28), glycine (peaked day 14 decreased from day 21 




Figure 9. Spatial distributions of organic acids determined by ELDI-MSI analysis of leaf-halves 





Figure 10. Spatial distribution of amino acids determined by ELDI-MSI analysis of leaf-halves 




Several MSI methods have been utilized to obtain spatial distribution data of 
metabolites in plant samples.  Each offers unique advantages and drawbacks (Boughton et 
al., 2016; Lee et al., 2012). The present work demonstrates the potential of applying ELDI 
for MSI.  ELDI is analogous to LAESI, with the exception that ELDI uses ultraviolet 
radiation for ablation (e.g., 355 nm laser), whereas LAESI generally uses infrared radiation, 
for example a 2940 nm mid-IR laser (e.g., Nemes & Vertes, 2007). Although ELDI has 
previously been reported with fungi (i.e., Ganoderma lucidum and Antrodia camphorate) 
(Huang et al., 2012), there is only one other moderately extensive plant application study 
using ELDI, LAESI, or MALDESI (Etalo et al., 2015). The spatial resolution was limited to 
500 µm in that work (Etalo et al., 2015). Many proof-of-concept experiments using LAESI-
MSI on plants have been reported (Bartels & Svatoš, 2015). 
One concern about our ELDI method is possible spatial heterogeneity of the UV-
absorbing pseudo-matrix. Coupling electrospray and ablation with a UV laser appears to 
minimize these issues. Both UV and non-UV absorbing compounds can be measured at 
atmospheric pressure. For example, Figure 11 illustrates the localization of the UV-absorbing 
flavonoid cyanidin-coumaroylglucoside-glucoside (m/z 757.1965 [M+]) and the localization 
of the non-UV absorbing metabolites, histidine, sucrose and glucose. Non-absorbing analytes 
can be observed readily in regions where the abundances of the pseudo-matrix flavonoids are 
relatively low (Figure 11).  These comparisons indicate that ELDI-based MSI can be used to 
localize the distribution of non-UV absorbing metabolites despite large spatial changes in 
concentration of flavonoids or other possible pseudo-matrix flavonoids are relatively low 
(Figure 11). These comparisons indicate that ELDI-based MSI can be used to localize the  
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distribution of non-UV absorbing metabolites despite large spatial changes in concentration 
of flavonoids or other possible pseudo-matrix compounds. 
 
Coleus is convenient because its leaves are sectored visually. This reflects the spatial 
arrangement of the underlying flavonoids (Boldt, 2013; Nguyen & Cin, 2009; Nguyen et al., 
2008). Moreover, in Coleus the sectoring of the adaxial surface is different from that of the 
abaxial surface.  The adaxial surface is further modifiable by changes in the exposure to 
illumination (Nguyen & Cin, 2009; Logan et al., 2015). In addition, the depth of the leaf 
adaxial cells matches the penetration depth of the laser (~30 µm). Thus, the images presented 
herein reflect the abundance of metabolites in the epidermal cell layer of the leaf. 
  
Figure 11. 3D representation of the localization of UV-absorbing and non-UV absorbing metabolites. 
Distributions of A) anthocyanin 757.1965 (m/z) (red) along with histidine 156.0809 (m/z) (green) and B) 
sucrose 381.0786 (m/z) (red) along with glucose 203.0560 (m/z) (green) are shown.  Scale bar = 2 mm. 
Right panel represents the 3D representations of the abundances of these metabolically related ions. The x- 
and y-axes represent spatial coordinates (mm), and the z-axis maps ion intensity.  
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Correlated with the visible changes in the pigments of the leaf in response to shading, 
major metabolic changes in anthocyanins were visualized by ELDI-MS and quantitatively 
confirmed by LC-MS analysis of metabolite extracts. The cyanidin glycosides are the most 
abundant anthocyanins in the illuminated side of the leaves, which correlates with their 
photo-inhibitory potential (Steyn et al., 2002). Consistent with this photo-inhibitory attribute, 
the abundances of 17 of the 39 detected anthocyanins decreased upon shading of the leaf.  
Moreover, in response the illumination status of the leaf, there is a coordinated change in the 
differential abundance of the structurally related anthocyanins, cyanidin-coumaroylglucoside 
-glucoside, cyanidin-malonyl glucoside, and the aglycone cyanidin. The ability to visualize 
this coordination at a spatial level provides additional insights to their potential metabolic 
interconnections.  Namely, the enhanced accumulation of cyanidin-coumaroylglucoside-
malonylglucoside, in response to illumination, may be associated with increased 
biosynthesis.  The correlated changes in the levels of the potential precursors (i.e., cyanidin-
malonyl glucoside) (Figure 7) support this hypothesis.   
Multi-cellular photosynthetic plants are characterized by a series of source-sink 
tissues, that share the metabolic tasks of converting inorganic precursors, such as CO2, 
ammonia, phosphate etc., to organic constituents that are normally stored in sink tissues, such 
as seeds, tubers etc. (Basu et al., 1999; Wardlaw, 2006; Lemoine et al., 2013; Osorio et al., 
2014; Paul & Foyer, 2001; Roitsch, 1999; Turgeon, 1989). Source-sink relationships can be 
genetically programmed and are further modified by environmental abiotic or biotic stimuli 
that are mediated by small molecules (e.g., sugars and amino acids) (Krapp & Stitt, 1995; 
Lemoine et al., 2013; McCormick et al., 2008; Paul & Driscoll, 1997; Roitsch, 1999). ELDI-
MSI can image metabolic changes associated with the induction of an artificial new source-
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sink relationship between two halves of a leaf.  The fully illuminated half of the leaf serves as 
the source tissue that fixes carbon, primarily in the form of sugars.  These compounds are 
exported to the shaded half of the leaf that serves as the new sink tissue, whose strength 
increases with increasing time of shading (Figure 8) (Bagnall et al., 1988; Islam et al., 2005; 
Paul et al., 1992; Steyn et al., 2002). 
ELDI revealed that the distribution of sugars (tetroses, pentoses, heptoses, and 
sucrose) were not significantly affected by the difference in the illumination between the two 
halves of the leaves. Only the distributions of glucose and a hexose phosphate (presumably 
glucose-6-phosphate) were affected; they increased on the shaded side (Figure 8).  Therefore, 
the illuminated source-side of the leaf compensated for the reduced photosynthesis that was 
imposed by shading the other half of the leaf.  This sugar-based interrelationship between 
source-sink tissues often manifests coordinated changes in amino acid metabolism, 
associated with the affiliation between carbon and nitrogen metabolism (McCormick et al., 
2006; Paul & Driscoll, 1997).  These changes in amino acid metabolism are usually 
associated with photosynthetic source tissues, where changes in RUBISCO levels (the major 
sink for amino acids) can drastically affect free amino acid pools (Nielsen et al., 2002; 
McCormick et al., 2008; Paul & Driscoll, 1997). Thus, in our studies we visualized 
increasing levels of Arg, Asp, His in the shaded side of the leaf (Figure 10), probably 
reflecting the turnover of RUBISCO as photosynthetic capacity was reduced in the dark, 





This study demonstrates the capabilities of ELDI-MSI for identification and spatial 
characterization of a wide variety of compounds in plant tissues with minimal sample 
preparation requirement.  The ability to generate spatial distribution data that are consistent 
with biological explanations provides confidence in the validity of the observations.  Future 
experiments include a) separation of isobaric ions by ion mobility, and b) implementation of 
procedures for quantification with spatial resolution by ELDI. 
Compared to MALDI or other methods that require an added matrix, ELDI has the 
advantage of less sample preparation; however its sensitivity and spatial resolution are 
poorer.  Much of the plant sample remains intact after ELDI analysis.  Compared to LAESI 
with the commercial source, their spot size and spatial resolution are ~200 µm, while ELDI 
as shown here is ~125 µm.  All plants that we have analyzed absorb at 355 nm well enough 
for laser ablation analysis.  While the classes of compounds we report here were readily 
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Table 1. Flavonoids identified by ELDI-MS. Peak assignments were based on matches with 
entries in the METLIN Database (Smith et al., 2005). Code: * denotes MS/MS peak matches 













255.0679 Catechine + H+ -2H2O 6 None Background 
interferences 
5e4 
271.0627 *Apigenin + H+ 9 None 243, 229, 225, 156, 
145, 119 
1e6 
287.0585 *Cyanidin (M+) 12 None 269, 241, 213, 185, 
157, 137 
7e5 
291.0899 Catechine + H+ 12 None  Too low abun. 2e4 
399.0434 *Flavone + K+ 10 None 381, 371, 353, 337, 
287, 219, 201, 175 
1e6 




447.0918 *Apigenin Glucuronide + H+ 0.4 None 271, 163 7e5 




dimalonylglucoside (M+) + Na+ 
6 Decreased 287 7e4 
483.0781 Cyanidin Flavonoid (M+)  None 287, 203, 163, 147 8e5 
489.1057 Apigenin Flavonoid + H+ OR + 
H+ - H2O 
4 None days 7-21, 
decreased day 28 
471, 399, 271, 163 5e5 
505.1016 Flavone Glucoside + H+– H2O 6 None  5e4 
511.0744 Cyanidin Flavonoid (M+)  Decreased 437, 353, 313, 287, 
271, 179 
7e4 
527.0515 Cyanidin Flavonoid (M+) 3 Decreased 369, 309, 287, 163 1e5 
533.2350 Flavonoid  None 287, 271, 219, 201, 
163, 147 
2e5 
535.1069 *Cyanidin malonylglucoside 
(M+) 
2 None days 7-21, 
decreased day 28 
287, 163 6e4 
549.2095 Cyanidin Flavonoid  (M+)  None 369, 331, 287, 271, 
219, 201, 163, 147 
2e5 
557.0940 Flavonoid + Na+ 6 None Interference from 
lock mass 
8e4 
593.1339 Flavonoid + H+– H2O 7 None Too low abun. 2e4 
595.1447 *Cyanidin coumaroylglucoside 
(M+) 
0.1 Decreased 549, 287, 163, 147 3e5 
619.2228 Apigenin Flavonoid + H+  Increased 575, 533, 271, 163 2e5 
635.2041 Apigenin Flavonoid + H+  Increased 591, 549, 271, 163 4e5 
697.1607 Flavonoid + H+ 0.4 Decreased Too low abun. 1e4 
743.1454 Apigenin Flavonoid + H+  None 271, 163, 147 4e4 
163 















1 None 595, 449, 399, 287, 
271, 163, 147 
8e5 
773.1890 Flavonoid + H+ 4 None Too low abun. 1e4 
787.2041 Flavonoid + H+ 4 None Too low abun. 2e4 
799.2031 Cyanidin Flavonoid  
M+– H2O or M+– 2H2O 
0.1 - 
6 
Decreased 621, 595, 535, 527, 
441, 287, 163, 147 
7e4 
813.1613 Cyanidin Flavonoid (M+)  None 795, 287, 163 7e4 
827.1994 Flavonoid + H+ 4-5 Decreased Too low abun. 2e4 











5 Decreased 843, 489, 287, 271, 
163 
7e4 
865.1617 Flavonoid + H+– H2O 0.1-
7 
Decreased 839, 821, 677, 635, 
617, 575, 531, 513 
1e5 
873.2090 Cyanidin Flavonoid (M+) 0.6+ None 843, 693, 595, 535, 
489, 287, 163, 147 
5e4 
883.1759 Dicatechine Flavonoid + H+ 4 None 865, 839, 821, 677, 
635, 617, 575, 531, 
513 
2e5 
885.2034 Flavonoid  Decreased 867, 595, 577, 287, 
271, 163, 147 
9e4 
899.1660 Dicatechine Flavonoid + H+ 0.5 None 881, 855, 837, 813, 






1 Decreased 843, 621, 595, 489, 
287, 163, 147 
1e6 
951.1619 Cyanidin Flavonoid (M+)  Decreased 865, 843, 741, 635, 





Table 2.  Carbohydrates identified by ELDI-MS. Peak assignments were based on matches 
with entries in the METLIN Database (Smith et al., 2005).  Code: * denotes MS/MS peak 
matches with METLIN Database, # denotes metabolites identified through GCMS. 
High Res. 
m/z 
Assigned ID ∆ppm 
of ID 




159.0021 Tetrose + K+ 20 None Localized Signal 8e4 
189.0158 #Pentose + K+ 0.1 None Localized Signal 3e4 
197.0433 *Organic Acid Glucoside 
+ H+ + Na+ 
0.01 None 161, 145, 119, 
101 
1e6 
203.0560 *#Hexose (glucose)  + 
Na+ 
16 No abundance day 7, 
increased days 14-28 
185, 167, 157, 
137, 123, 111 
1e3 - 5e5 
219.0310 *#Hexose (glucose) + K+ 20 No abundance day 7, 
increased days 14-28 
201, 183, 151, 
123, 111 
5e3 - 6e5 
233.0671 *Heptose + Na+ 16 None 215, 205, 179 5e5 
249.0414 *Heptose + K+ 17 None 231, 213, 195, 
125 
4e5 
255.1064 Hexose-glycerol + H+ 4 None Too low abun. 1e4 
277.0901 Hexose-glycerol  + Na+ 0.1 None Background 
interferences 
5e4 
312.9720 Hexose-Phosphate + K+ 0.01 Low abundance day 
7, increased days 14-
28 
 3e3 – 9e4 
337.0585 *Caffeoylglucarate + H+ -
2H2O 
5 None 319, 185, 163 7e4 
349.0923 *Organic Acid Glucoside 
+ Na+ 
8 Increased 331, 313, 267, 
163, 149 
9e4 
357.0586 Hexose-glycerol  
Phosphate + Na+ 
8 None, decreased in 
abundance day 28 
 4e3 – 1e5 
365.0647 *Organic Acid Glucoside 
+ K+ 
3 Increased 347, 333, 329, 
163 
1e5 
371.0475 *Galloylglucose + K+ 26 None 353, 327, 237, 
219 
1e5 
381.0786 *#Sucrose + K+ 2 None 363, 345, 335, 
219, 163, 147 
7e4 
165 
Table 3.  Amino acids and organic acids identified by ELDI-MS. Peak assignments were based 
on matches with entries in the METLIN Database (Smith et al., 2005). Code: * denotes MS/MS 
peak matches with METLIN Database, # denotes metabolites identified through GCMS.  
High Res. 
m/z 
Assigned ID ∆ppm 
of ID 
Response to Shading Major Fragment Ions Signal 
Intensity 
72.0454 Alanine + H+ - H2O 6 None Too low m/z 7e3 
73.0309 #Lactic Acid + H+ – 
H2O 
26 None Too low m/z 1e4 
81.0707 Caproic Acid + H+ – 
2H2O 
3 None Too low m/z 1e4 
83.0145 #Succinic Acid + H+ -
2H2O 
7 None Too low m/z 8e3 
86.0588 GABA +  H+ - H2O 20 None Too low m/z 3e4 
98.0198 #Glycine + Na+ 14 None Too low abun. 6e3 
98.0585 Proline  H+ - H2O 21 None Too low abun. 9e3 
106.0494 *#Serine + H+ 4 None 88 1e4 




115.0029 #Tartaric Acid + H+ – 
2H2O 
6 None Localized Signal 2e4 
116.0365 *Aspartic Acid +   H+ 
– H2O 
14 Increased 88 3e4 
118.0863 *Valine + H+ ~0 None 100, 72 3e4 
120.0658 *Threonine + H+ 2 None 102 6e4 
129.0346 *#p-Coumaric Acid + 
H+-2H2O 
~0 None 119, 91 2e4 
130.0520 *#Pyroglutamic Acid 
+ H+ 
16 None 84 4e5 
145.0322 *#Caffeic Acid + H+ - 
2H2O 
18 None 135, 117, 107, 89, 79 1e5 
147.0485 *#p-Coumaric Acid + 
H+-H2O 
26 None 119, 91 4e5 
147.0777 *Glutamine + H+ 8 None days 7-21, 
Increased day 28 
130, 84 2e4 
155.0423 *Asparagine + Na+ 2 None 109 2e4 
156.0809 *Histidine + H+ 26 None days 7-14, 
Increased days 21-28 
110, 93, 83 5e4 
157.0133 #Citric Acid + H+ – 
2H2O 
6 None Too low abun. 9e3 
163.0430 *#Caffeic Acid + H+-
H2O 
20 None 145, 135, 117, 107, 89, 
79 
8e5 
170.0563 *#Leucine + K+ 8 None 124 5e4 
175.1200 *Arginine + H+ 5 Increased 158, 130, 116, 112, 70 1e5 
219.0019 *#Caffeic Acid + K+ 16 None 201, 183, 173, 161, 129 3e5 
230.9883 *#Citric Acid + K+ 6 None 213, 195 2e4 
 
